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Abstract 
 
Mass spectrometry (MS) has undergone a revolution with the introduction of a new group 
of desorption/ionization (DI) techniques known collectively as Ambient Ionization mass 
spectrometry. Ambient ionization mass spectrometry allows for direct analysis of 
analytes and typically requires little or no sample preparation. Specifically, Direct 
Analysis in Real Time (DART)
 
has developed rapidly and allowed investigations to occur 
with the analysis of biomass after various pretreatments to determine the pretreatment 
biomass degradation efficiency. The degradation of the initial biomass structure is a very 
important step before other chemical treatments can occur to generate needed sugars.  
Since generated sugars aid in algae production, the pretreatment process is also important 
in relation to the overall process in producing biofuels.  In addition to biomass analysis, 
analysis of specific biofuels from various feedstocks by the DART-MS is also presented 
demonstrating this ambient ionization method can be a rapid verification of the biofuel 
production. Biofuels generated from renewable resources have the potential to be a 
valuable substitute for, or complement to conventional gasoline. 
 
KEYWORDS: Biomass, Switchgrass, Biofuels, Lignocelluloses, Algae, oils, biodiesel, 
Direct Analysis in Real Time, Mass Spectrometry. 
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CHAPTER 1 
 
INTRODUCTION 
 
Energy can be described as an ability to do work and plays a major role in 
everyday lives. For the socioeconomic development of any country, energy plays a very 
vital role. The global primary energy sources can mainly be classified as non-renewables 
and renewables.  Non-renewable energy sources include coal, petroleum, and gas (e.g. 
fossil fuels where fossil refers to early geological age and fuels were formed longtime 
ago and not renewable)
[1]
. Renewable energy sources include biomass, hydro, geo, 
thermal and solar and wind energy. Fossil fuels have been the primary source of energy 
for more than a century and still represent over 80% of total energy supplies in the world 
today serving as a major source for transportation, power generation and electricity. 
Rapid consumption of fossil fuels has also led to great environmental damage, as the 
burning of fossil fuels releases a lot of carbon dioxide into the environment which as the 
main cause of global warming
[2]
. Humans are facing an energy challenge as a 
consequence of world increasing energy demand, and the depletion of non-renewable 
fossil fuels started. The depletion of oil and other fossil resources leaves less available to 
future generations, and increases the price as demand outpaces supply. These concerns 
are difficult, if not impossible, to address without cutting fossil fuel use, since all fossil 
fuel combustion produces carbon dioxide, and fossil fuels once consumed, cannot be re-
generated. Another problem with petroleum fuels is there unequal distribution in world.  
This energy system is unsustainable because of equity issues as well as environmental, 
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economic, and geopolitical concerns. Global environmental concerns and decreasing 
resources of crude oil have prompted a demand for alternative fuels. Hence a major call is 
given for the development of sustainable renewable energy sources. Renewable energy 
sources are produced by utilization of fuels or energy sources like: hydrogen (produced 
from sources other than fossil fuels), biomass, solar energy, geothermal energy, wind 
energy, ocean energy, and hydroelectric power. These resources are natural and have an 
ability to replenish through biological and natural process with time. Renewable sources 
are mainly environment friendly, which is an essential characteristic of sustainable 
developments.  
1.1 RESEARCH OBJECTIVE  
Rising of petroleum prices during 2005-2008 and passage of the U.S Energy 
Independence and Security Act with a renewable fuel standard of 36 billion gallons of 
biofuels by 2022, generated a vast amount of research on production of biofuels utilizing 
various forms of renewable resources.
[3]
 A variety of feedstocks from various sources like 
algae, crop residues, forest materials, carbon, organic wastes are explored for biofuel 
production. Growing or cultivating the feedstocks, developing conversion technologies, 
and assessing environmental or economic impacts are areas where scientists have 
performed research with respect to biofuel research.
[3],[4]
 
In research, selection of biomass to be used as a major feedstock for production of 
biofuels is essential.  The major qualities for any feedstock to be beneficial for biofuels 
production is: (i) they should not compete with the food crops, (ii) do not lead to land 
clearing, (iii) contribute to greenhouse gas reductions, and (iv) maximization of social 
benefits.
[5]
 Switchgrass, a native grass to Central and North America (widely grown in 
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Kentucky), has been chosen as the biomass source in this presented research and satisfies 
the entire above criterion. It is a perennial crop with high cellulose content as well as 
provides soil and wildlife enhancement.  
Commercially available cellulose enzymes are used to convert cellulosic biomass 
(switchgrass) to sugars, which will be fed to heterotrophic algae that can convert sugar to 
oils without photosynthesis.
[6]
 The membranous type algae are used rather than 
phototrophic algae as these strains have high oil rich content. The oils are then extracted 
and converted to biodiesel by a simple transesterification process. However, converting 
switchgrass to sugars occurs only after significant physical and chemical treatments. 
Hence, in the whole process, extraction of sugars and their further conversion diesel is a 
vital step. 
Mass spectrometry (MS) has undergone a revolution with the introduction of a 
new group of desorption/ionization (DI) techniques known collectively as Ambient 
Ionization mass spectrometry. Since ambient Ionization mass spectrometry allows for 
direct analysis of analytes and typically requires little or no sample preparation, new 
fields of research utilizing MS has developed rapidly. Numerous permutations of various 
options for analyte desorption and ionization has been demonstrated. Analysis of 
chemicals, including toxic compounds, pharmaceuticals, explosives, foodstuffs, skin 
residue, and fingerprints are just a few applications of these techniques.  Specific research 
relating to the analysis of biomass by using one of these prominent ambient ionization 
techniques, Direct Analysis in Real Time Mass spectrometry (DART), is presented. 
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1.1.1 Specific Aims 
 Analysis of sugars using novel DART techniques. 
 Investigate and optimize the conditions required by DART for analysis. 
 To determine the effectiveness of various pretreatments on switchgrass and 
identification of possible biomarkers for the future biomass candidate. 
 Elucidate structural and compositional changes of biomass before and after the 
pretreatments. 
 Analysis of algal oils and subsequent biodiesel produced, after a simple 
transesterification process. 
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CHAPTER 2 
 
BACKGROUND AND SIGNIFICANCE 
 
2.1       INTRODUCTION 
 This chapter gives a brief overview of various materials, methods, and other 
technologies used in this research. The nature of lignocellulosic biomass materials and 
various methods used in the pretreatment of these materials are discussed. A special focus 
is given to the plant of interest for this study switchgrass biomass. Secondly various 
forms of algae and their role in oil conversion technologies are discussed. Most of the 
presented research pertains to the analysis of biomass samples and oils. In any analytical 
research, understanding the instrumentation and having a background on the analytical 
techniques of study is very important. Hence the last section of this chapter will provide a 
general introduction to mass spectrometry followed by the latest revolutions, 
developments and applications of a new class of evolving ionization techniques called 
ambient ionization techniques. A particular focus will be given to plasma ionization 
technique called Direct Analysis in Real time (DART), which is used during the research 
for analysis of the biomass samples. Recent literature on the function, mechanisms and 
applications of the DART will be reviewed. The chapter concludes with a brief 
description and working of the mass analyzers and detectors used for the study. 
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2.2 BIOMASS 
 The word biomass is derived from a Greek word where “Bio” means life and 
mass means bulk material. It is an organic material, which is biodegradable and formed 
from various sources like plants, animals and microorganisms. Biomass utilizes solar 
energy and converts it into chemical energy, which can be used as a renewable energy. 
Biomass includes products, byproducts, residues and waste from agriculture, forestry, and 
biodegradable organic fractions of industrial and municipal solid wastes.
[7]
 
2.2.1 Lignocellulosic Biomass 
  The need for proper renewable and sustainable raw material for the production of 
biofuels is one of the most pressing issues for the 21
st
 century. Lignocellulosic biomass 
materials form a good source of potential feed-stocks, in view of their ready availability 
and low cost.
[8]
 They are abundant in fermentable carbohydrates that can be potentially 
converted to biofuel by fermentation process, but in this study, the sugars produced are 
fed to algae for oil production. There are three main categories in non-food foliage of 
lignocellulosic biomass and can be used for biofuel production.
[9]
 The first category 
includes crops or trees that can be grown for the sake of fuel production, e.g. Miscanthaus 
and switchgrass. However, these crops can be in competition with the food crops and 
sometimes may not be beneficial. The second category includes uncultivated or wild 
plants, like woody biomass and twisted straw, which can be used for fuel production. The 
third category includes biomass waste material from the agriculture processes including 
residues from corn, wheat, sugarcane, barley and other crops. 
Lignocellulosic biomass is mainly comprised of cellulose, hemicellulose, lignin, 
water extractives, and ash. In general, biomass consists of about 30–45% cellulose, 
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25−30% lignin, 25−30% hemicellulose, and extractives. Different species of plants have 
significant differences in the proportions of cellulose, hemicellulose and lignin.
[10]
 The 
contents of cellulose, hemicellulose, and lignin in common agricultural residues and 
wastes are shown in Table 2.1.
[11]
 The plant structure are designed and packed to protect 
the processes of plants and act as physical and chemical defenders against the 
environment.
[12]
 The structure can be described as a skeleton of cellulose chains 
embedded in a cross-linked matrix of hemicellulose surrounded by a crust of lignin 
(Figure 2.1). There are extensive interactions among these three components further 
improving the stiffness of the biomass structure. The hemicellulose fibers act like a glue 
that fills the voids between and around cellulose and hemicellulose fibers. The lignin acts 
as a protective sheath, thus providing the rigid characteristics. Hence the biodegradability 
of lignocellulosic biomass is limited by several factors, and the native biomass is resistant 
to enzymatic hydrolysis. 
Table 2.1. The contents of cellulose, hemicellulose, and lignin in common agriculture 
residues and wastes.
[11]
 
 
Lignocellulosic material Cellulose (%) Hemicellulose (%) Lignin (%) 
Hardwood stems 40-55 24-40 18-25 
Softwood stems 45-50 25-35 25-35 
Nut shells 25-30 25-30 30-40 
Lignocellulosic material Cellulose (%) Hemicellulose (%) Lignin (%) 
Grasses 25-40 35-50 10-30 
Paper 85-99 0 0-15 
Wheat straw 30 50 15 
Sorted refuse 60 20 20 
Leaves 15-20 80-85 0 
Cottonseed hairs 80-95 5-20 0 
Newspaper 40-55 25-40 18-30 
Waste paper form chemical 
pulps 
60-70 10-20 5-10 
Primary wastewater solids 8-15 Not Available 24-29 
8 
 
Table 2.1 (Continued) 
 
Lignocellulosic material Cellulose (%) Hemicellulose (%) Lignin (%) 
Solid cattle manure 1.6-4.7 1.4-3.3 2.7-5.7 
Coastal Bermuda grass 25 35.7 6.4 
Switchgrass 45 31.4 12 
 
 
Figure 2.1. Arrangement of cellulose hemicellulose and lignin in plant cell wall. 
 
2.2.2 Cellulose 
Cellulose is a backbone structural unit of a plant cell wall in the form of cellulose 
microfibril and can also form in certain algae, fungi, and bacteria. Cellulose is a linear 
polymer of D-glucose units linked by β-(1,4)-glycosidic glucose (Figure 2.2).  Glucose 
polymers are generated with the hexagonal configuration and form rod like para-
crystalline structures. The basic repeating unit of cellulose is cellobiose. Cellulose is a 
high molecular weight glucose polymer and gives a water molecule on polymerization of 
two glucose monomers. The degree of polymerization in cellulose is approximately 
10,000 to 15,000 glucopyranose monomer units.
[13]
 The hydroxyl group and glycosidic 
bonds are the main functional groups in cellulose, which determines the chemical 
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reactivity of cellulose. Each cellulose polymer has one reducing and one non-reducing 
end used by enzymes to recognize their binding site. A highly ordered crystalline macro-
molecular structure of cellulose is formed by a complex structure of hydrogen 
bonding.
[14]
 As a consequence of its fibrous structure and strong hydrogen bonds, 
cellulose has a high-tensile strength and is insoluble in most solvents. Hence enzyme 
driven degradation of cellulose is very important to degrade the cellulose polymers.  An 
important structural feature that affects the rate of enzymatic hydrolysis of cellulose 
fibers is the degree of crystallinity of cellulose.  
 
Figure 2.2. Structure of cellulose unit
[15]
 
Source: P. Kumar, D. M. Barrett, M. J. Delwiche, P. Stroeve, Industrial & Engineering 
Chemistry Research 2009, 48, 3713-3729. 
 
2.2.3    Hemicellulose 
Hemicellulose is an amorphous polymer and heterogeneous polysaccharides with 
degree of polymerization (DP) around 200-300. It is composed of different sugar units 
(Figure 2.3), connected through hydrogen bonds to cellulose microfibrils and is 
covalently bond to lignin with ester, ether, and glycosidic bonds making them resistant to 
chemical and enzymatic degradation.
[15]
 Hemicelluloses are more reactive than cellulose 
and are soluble in water due to lack of crystallinity, hence can be easily hydrolyzed with 
dilute acids into fermentable sugars due to their structures and noncrystallinity. The 
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major hemicelluloses include mannans, xylans, arabians, and galactans.
[14]
 The relative 
composition of these hemicellulosic fractions and other substituents varies from one 
source to another. Softwood, hardwood, pulping liquors, plants, plant gums, and 
agricultural wastes are few common sources for hemicelluloses.  Distribution of various 
hemicelluloses in hardwood and softwood is shown in Table 2.2.
[16]
 
 
 
Figure 2.3. Structure of various sugar components in hemicellulose
[16]
 
Source: P. Maki-Arvela, T. Salmi, B. Holmbom, S. Willfor, D. Y. Murzin, Chem Rev 
2011, 111, 5638-5666. 
 
Table 2.2. Distribution of various hemicelluloses in wood
[16]
 
 
Hemicellulose Hardwood Softwood 
Methylglucuronoxylans 
Arabinomethylglucuronoxylans 
Glucomannans 
Galactoglucomannans 
Arabinogalactans 
Other galactans 
Pectine 
80-90 
0.1-1 
1-5 
0.1-1 
0.1-1 
0.1-1 
1-5 
5-15 
15-30 
1-5 
60-70 
1-15 
0.1-1 
1-5 
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2.2.4    Lignin 
 Lignin is a three dimensional, complex, highly branched large molecular 
structure containing cross linked polymers of phenolic monomers (Figure 2.4).
[17]
 The 
DP of the lignin molecule is in the range of 450-500 and usually accompanied with the 
cellulose and hemicellulose to make lignocellulosic biomass. There are three main 
precursors for lignin: courmaryl alcohol (p-hydroxyphenyl proponal), coniferyl alcohol 
(guaiacyl proponal), and sinapyl alcohol (syringyl alcohol). These units are referred to as 
monolignols. The three subunits differ by the degree of methoxylation. Proportions of 
these components vary based on the type of lignocellulosic material. The intermonomer 
bonds formed are usually alky-arly ethers, alkyl-aryl and aryl-aryl carbon-carbon bonds 
(Figure 2.5).
[18]
 Lignin will attain a different molecular structure in softwood, hardwood 
and grass. Softwood lignins contain coniferyl alcohol, hardwood lignins have both 
coniferyl and sinapyl alcohol, and grass lignin contains coniferyl and sinapyl alcohol. 
Lignin effectively protects the plant against microbial attack and restricts hydrolysis by 
shielding cellulose surfaces or by adsorbing and inactivating enzymes.
[19]
 Being a resin, 
lignin serves as a stiffening agent in plant fibers.  Isolated lignin is soluble in solvents 
like dioxane, acetone, tetrahydrofuran, dimethyl formaldehyde (DMF), and dimethyl 
sulfoxide (DMSO). Lignin is one of the major byproduct in conversion of lignocellulosic 
biomass to fuels, and can be used for the production of plant based polymeric 
materials.
[20]
 
  In addition to cellulose, hemicellulose and lignin, minor fractions of water 
extractives are present in lignocellulosic biomass.  They include fats, fatty acids, starches, 
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waxes, terpenes, terpenoids, pitch, and phenolic compounds. Ashes containing various 
inorganic materials are also included in biomass. 
 
Figure 2.4 Monomer units of lignin
[17]
 Source: F. De Angelis, R. Nicoletti, N. Spreti, F. Verì, 
Angewandte Chemie International Edition 1999, 38, 1283-1285. 
 
 
 
Figure 2.5 Lignin from gymnosperms showing linkage between the phenyl propane 
units
[18]
 Source: J. P. Pérez, J. M.-D. Muñoz-Dorado, T. d. l. R. de la Rubia, J. M. Martínez, 
International Microbiology 2002, 5, 53-63. 
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2.2.5 Switchgrass 
The U.S. Department of Energy (DOE) has conducted a wide range of research on 
various herbaceous species, from late 1980s to early 1990s on a wide range of soil types 
in different sites and states. The Bioenergy Feed-stock Development Program (BFDP) 
was initiated at Oak Ridge National Laboratory (ORNL) in 1978 under the sponsorship 
of the US Department of Energy and developed to evaluate a wide variety of potential 
feedstocks that could be grown specifically for bioenergy or bio product supply.[21] 
Several species, including alfa alfa, sorghums, miscanthus, napiergrass, reed canarygrass 
and other crops, were identified as having merit for further development. Switchgrass 
(Panicum virgatum) has emerged as a promising potential renewable energy source and 
has been selected by the U.S. Department of Energy for research as a model bioenergy 
crop. Potential switchgrass production within the United States by production density 
within agricultural supply cells is shown in Figure 2.6.
[22]
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Figure 2.6.  Potential switchgrass production within united states
[22]
 Source: S. B. 
McLaughlin, D. G. de la Torre Ugarte, C. T. Garten, L. R. Lynd, M. A. Sanderson, V. R. 
Tolbert, D. D. Wolf, Environ Sci Technol 2002, 36, 2122-2129. 
 
 
Perennial grasses like switchgrass shows promise due to its high productivity, 
suitability for marginal land quality, low water and nutritional requirements, 
environmental benefits, and flexibility for multipurpose uses. Switchgrass have also 
gained their significance since it does not interfere with the production of existing food 
crops.  
2.2.5.1 Biology of Switchgrass 
  Switchgrass is one of the widely adapted, potential herbaceous crop whose 
population occurs from Central America to Southern Canada, and from eastern seaboard 
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to as far as Arizona and Nevada in United States of America.
[23]
  Switchgrass was one of 
the dominant grasses in the North American tall-grass prairie and was adapted to other 
regions. Switchgrass has been used for conservation and warm-season pasture in the 
Great Plains and Midwestern states.
[24]
 Switchgrass can be easily integrated into existing 
farming operations because conventional equipment for seeding, crop management and 
harvesting can be used. Switchgrass possesses a divergent family of cinnamoyl CoA 
reductase (CCR) with distinct biochemical properties.
[25]
 The study of the CCR gene 
family helps to determine the biochemical properties of various encoded proteins, which 
can target on the biosynthesis of various monolignols and thus can contribute to effective 
lignin degradation. Traditionally, switchgrass has been bred primarily to improve its 
nutritional value for use as a forage crop. But now the primary focus of breeding 
strategies continues to be on developing new varieties for higher biomass yields.
[26]
 
Alamo, Kanlow and Cave-in-Rock are few promising cultivars of switchgrass.  
   Switchgrass biomass is composed of stems, leaves, and seed heads. Leaves have 
two major tissue components, sheaths and blades. The elongated stem, of switchgrass is 
divided into two tissue types, nodes and internodes. Nodes and internodes are composed 
of lignified storage, support, and conductive cell types. It is reported that switchgrass 
stems have longest fibers with the greatest concentrations of sugars, lignin, and 
polysaccharides.
[27]
 The stem materials have been greatest potential for fiber, 
biochemical, thermochemical, or combustion applications. In switchgrass, the amount of 
biomass produced is determined by how soon or late the transition to reproductive 
development occurs. 
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  Switchgrass is characterized by unique and variable chemical composition but 
similar to other biomass materials since switchgrass is composed of structural polymers 
cellulose, hemicellulose, and lignin and other low molecular weight organic compounds 
like ash and extractives.
[28]
 In Table 2.3, the amount of cellulose, hemicelluloses and 
lignin in different switchgrass varieties in NREL‟s biomass feedstock properties and 
composition database are shown.
[29],[30]
  
Table 2.3 Composition (% dry basis) of different switchgrass varieties from NREL‟s 
biomass feedstock composition and properties database. 
[29],[30]
 
Switchgrass Variety Cellulose Hemicellulose Lignin 
Alamo-Whole Plant 33 26 17 
Alamo – Leaves 28 24 15 
Alamo – Stems 36 27 17 
Blackwell – Whole Plant 34 26 18 
Cave-in-rock – Whole Plant 33 26 18 
Cave-in-rock – Whole Plant  
(High Yield) 
32 27 17 
Cave-in-rock – leaves 30 24 16 
Cave-in-rock – Stems 36 27 18 
Kaniow – Leaves 32 25 17 
Kaniow – Stems 37 26 18 
Trailblazer 32 26 18 
 
2.2.5.2 Agronomy and Establishment of Switchgrass 
  When switchgrass is grown in different localities, a site-to-site variation is seen in 
switchgrass productivity. Latitude and longitude of origin, or provenance, affect the 
phenology and yield when genotypes are grown in distinct locales.
[23]
  Moving southern 
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adapted varieties northward can delay flowering, prolong vegetation growth, and boost 
yield. However, colder climates may be a big challenge to southern adapted varieties.  
  Switchgrass can be grown in different soil types from sandy to moderate clay, and 
requires minimal rains for good productivity. Some of the good practices for growing 
switchgrass include: 1) planting switchgrass in well warmed soils that is around 
midsummer; 2) taking care in using seeds that are germinated, as seed dormancy is a 
common problem in fresh harvested switchgrass seeds; 3) the depth at which the seeds 
are placed is critical and is related to the soil texture, as the depth decreases with 
increasingly finer soil textures; and 4) incorporating good seed–to-soil contact is very 
important and the seeds can be accurately placed with the help of a planter.
[21]
 Weed 
competition from perennial forbs and warm season grass species is one major hindrance 
for establishment of switchgrass, but can be controlled by fumigation with methyl 
bromide or with herbicides like atrazine and triazines. Minimal application of fertilizers 
(like nitrogen) and maintaining soil pH will add to the better growth of the crop. A single 
harvest taken at the end of the season seems to be advantageous than two harvests within 
a season for biofuel purposes. 
2.2.5.3 Benefits and Other Applications of Switchgrass 
Switchgrass, apart from being used as an energy crop, has large-scale production 
application potential. Combustion of switchgrass can be used to generate process steam 
or electricity. Other technologies like pyrolysis and gastification can themochemically 
degrade switchgrass to fuels and other chemicals.  Due to its low ash content, it serves as 
an excellent source for processes like pyrolysis and gastification. Switchgrass is a food 
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fiber source that can be used in various fiber-based applications like paper industry, 
construction materials and fiber-plastic composites. 
Switchgrass is noted as an “Eco-friendly” crop due to following reasons: 1) soil 
erosion has been reduced when impacted land areas are used for cultivation of 
switchgrass; 2) reduces the rate of pesticide consumption around 90 % when compared to 
other bioenergy crops; and 3) known to diminish CO2 emissions and improve soil quality 
by a process called carbon sequestration. A systematic study of carbon dynamics 
following the establishment of switchgrass showed that over a two-year period, the top 15 
cm of sandy loam soil exhibited a 122% increase in carbon mineralization, a 168% 
increase in microbial biomass carbon and a 116% increase in net carbon turnover.
[31]
 
Additional “Eco-friendly” reasons include: 4) switchgrass can also be used to increase 
surface water quality in the form of switchgrass filter strips;
[32]
 and 5) switchgrass also 
has positive impacts on wildlife by providing a suitable habitat for grassland birds that 
are rapidly declining in numbers.
[33]
 
2.3 BIOMASS PRETREATMENT  
The enzymatic hydrolysis is constrained by several structural aspects of 
lignocellulosic biomass like crystallinity of cellulose, acetylation of hemicellulose, 
boundaries of lignin, degree of cellulose polymerization, surface area of lignocellulosic 
biomass. Pretreatment of biomass is an essential step before enzymatic hydrolysis, as it 
makes cellulose more accessible to enzymes and achieves high glucose yields. The main 
objective of the pretreatment is to break down the boundaries of lignin and solubilize 
hemicellulose, to increase the surface area of biomass, and to reduce the crystallinity of 
biomass (Figure 2.7).
[34]
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Pretreatment being a major unit operation in the conversion process, any potential 
benefits derived as a result of the pretreatment can significantly reduce the cost of the 
overall process. Various pretreatment options are available to fractionate, solubilize, 
hydrolyze, and separate cellulose, hemicellulose, and lignin components. Pretreatments 
can be accomplished via physical, physico-chemical, chemical or biological processes. 
Successful pretreatment methods increase enzyme accessibility and also facilitate the 
downstream hydrolysis and fermentation process. Table 2.4 gives a brief summary of the 
change in biomass compositional features for various pretreatment processes. 
 
Figure 2.7 Pretreatment of lignocellulosic material
[34]
 
To qualify as an effective pretreatment it must meet the one must meet the 
following requirements: (1) increase the net sugar production and avoid the loss or 
degradation of carbohydrates; (2) avoid the formation of byproducts, which may me 
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inhibitory to the subsequent hydrolysis and fermentation processes; and (3) be cost 
effective
[15]
. 
 
Table 2.4 Fate of biomass components for various pretreatment processes
[35]
 
 
Process 
Fate of biomass components under conditions leading to high 
cellulose digestibility 
 Cellulose Hemicellulose Lignin 
Dilute-acid 
pretreatment 
Some 
depolymerization 
80-100% 
solubilization, 
primarily to monomers 
Little or no 
solubilization, 
extensive 
redistribution 
Steam explosion at 
high solids 
concentration 
Some 
depolymerization 
80-100% solubilization 
to a mixture of 
monomers oligomers, 
and degradation 
product 
Little or no 
solubilization, 
extensive 
redistribution 
Hydrothermal 
processes 
 
Organic solvents 
with water 
Some 
depolymerization 
80-100% 
solubilization, 
oligomers usually 50% 
Substantial 
solubilization (varies 
but can be nearly 
complete) 
Partial 
solubilization 
(eg. 20-50%) 
Substantial 
solubilization 
(varies but can 
be nearly 
complete) 
Ammonium fiber 
expansion (AFEX) 
Some 
decrystallization 
Solubilization from 0 to 
60% depending on 
moisture, 90%  
hydrolyzed to 
oligomers 
Some 
solubilization 
(10- 20%) 
Sodium hydroxide 
pretreatment 
Substantial 
swelling. 
 
Substantial 
solubilization (often 
50%) 
Substantial 
solublization 
(often 50%) 
Lime pretreatment 
No much effect is 
seen 
Significant 
solubilization 
(to 30%) under some 
Partial 
solubilization 
(40%) 
           
 
 
 
21 
 
2.3.1 Physical Pretreatments 
Physical pretreatments are those processes where the biomass is reduced in size by 
milling (dry, wet and vibratory milling), chipping and grinding. The reduction of particle 
size helps in increasing the surface area of biomass, and also helps in decreasing the 
degree of polymerization. The sizes of particles range from 10-30 mm after chipping and 
around 0.2 to 2 mm after milling or grinding. Irradiation of biomass with high-energy 
irradiation methods and microwave heating are other methods in this class. Physical 
pretreatments also aid in reducing crystallinity of cellulose and digestion time in 
hydrolysis. However, these techniques are energy intensive, expensive and time 
consuming. 
2.3.2  Physico-Chemical Pretreatments 
Steam explosion is one of the most commonly used pretreatment, where the 
biomass is exposed to high-pressure saturated steam for a set of time, and then the 
pressure is reduced immediately. The materials then undergo explosive decompression. 
Water at high temperatures acts as acid and causes degradation of biomass. Typical 
conditions for these experiments are around 150-270 °C and 0.69-4.83 MPa. This method 
comes under the physio-chemical category because decompression causes the physical 
disturbances and organic acids released during the stream treatment cause the 
autohydrolysis. The process causes the transformation of lignin and degradation of 
hemicelluloses, and increases susceptibility to cellulose degrading enzymes. However, 
steam explosion produces inhibitory by-products that affect further hydrolysis and 
fermentation steps. 
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Addition of SO2 or CO2 to steam explosion improves enzymatic hydrolysis (by 
forming acids like sulphuric acid and carbonic acid) of biomass, decrease time and 
temperature, and formation of inhibitory compounds is reduced. Ammonia fiber 
explosion (AFEX) is considered as one of the promising technologies, when compared 
with acid or steam explosion processes. In this process lignocellulosic, biomass is 
exposed to liquid ammonia, and then the pressure is suddenly reduced for the explosion 
of the fiber.
[36]
 The AFEX pretreatment of switchgrass improves enzymatic hydrolysis 
(and thereby net sugar yields are boosted) and considered very effective for low lignin 
content materials (agriculture residues, grasses) but not very compatible with high lignin 
feedstock (woody biomass). 
2.3.3 Chemical Pretreatments 
2.3.3.1 Acid Pretreatment 
Acid hydrolysis can effectively reduce the crystallinity of cellulose and solubilize 
hemicellulose into monomeric sugars and soluble oligomers. Different acidic reagents 
like H2SO4, HCl, H3PO4 are used to pretreat the biomass. Use of concentrated acids for 
pretreatment methods is effective, but is highly toxic, hazardous and requires corrosion-
resistant materials. Dilute acid pretreatment using sulfuric acid is one of the most 
commonly used methods to improve the cellulose hydrolysis. Various experiments 
showed the diffusibility of sulfuric acid in grasses or agricultural residues was much 
higher than that in woody biomass, making agricultural residues more suitable for acid 
pretreatment. The molecular mechanism of acid-catalyzed cellulose hydrolysis is 
represented by the cleavage of the β-(1,4)-glycosidic bond. This is a homogeneous 
reaction in which the acid catalyzes the breakdown of cellulose to produce oligomers 
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(cellobiose) and monosaccharides (glucose).
[37],[38]
 As acids are corrosive in nature the 
main maintenance cost for this method is high and requires neutralization of pH of 
biomass after for next step of enzymatic hydrolysis. 
2.3.3.2 Alkali Pretreatment 
Alkaline prehydrolysis is another intensively studied chemical pretreatment 
method and received much attention in recent years. This method utilizes low 
temperature and pressures when compared with other pretreatments. Sodium, potassium, 
calcium and ammonium hydroxides are most commonly used alkaline reagents, out of 
which sodium hydroxide is one of the most considered alkaline reagent.
[39]
 Hydrolysable 
ether linkages in lignin and glycosidic bonds in polysaccharides are the main sites for 
alkaline catalyzed degradation. According to the study of Kong et al. alkalis remove 
acetyl groups form hemicellulose there by reducing the steric hindrance of hydrolytic 
enzymes and greatly enhances enzymatic digestibility.
[40]
 Saponification, precipitation, 
peeling, solvation, and glycosidic cleavage reactions are various physical chemical 
changes that occur during alkaline degradation.
[41]
 One of the major problems when 
dealing with alkaline pretreatment is the biomass by itself consumes some alkali and 
hence the residual alkali concentration after the alkali consumption of biomass is the 
alkali concentration left over for the reaction.
[14]
 Alkaline pretreatment is more suitable 
for agricultural residues and low lignin woody biomass materials. 
2.3.3.3 Lime Pretreatment 
Lime pretreatment enhances the enzyme digestibility by changing the structural 
features like acetylation, lignification and crystallization. Though no much significant 
difference exist between lime and alkali pretreatments, lime is less expensive and also 
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acts as neutralizing agent for certain organic acids.  Extensive delignification in lime 
pretreatment was found to be enhanced by oxidative treatment (in presence of air) than 
non-oxidative treatment (in presence of nitrogen).
[34]
 Deacetylation of biomass using lime 
did not show any significant difference between nonoxidative and oxidative 
conditions.
[15]
 The nature of cellulose is not much affected by lime pretreatment. 
2.3.3.4 Solvents in Pretreatment 
Organic solvents like methanol, ethanol, acetone, and ethylene glycol are 
sometimes used in association with alkali and acid pretreatments of biomass. Though the 
usage of these solvents alone as a pretreatment method was not reported, but in 
association with other methods, they may contribute to the net sugar yields. The major 
impediment with this method is that some of these reagents are toxic, expensive and their 
recovery and recycle is problematic limiting the utility of this pretreatment. 
2.3.4 Enzymatic Hydrolysis 
  The pretreatment and hydrolysis process are both the key contributors to the 
increase in net sugar production. The conversion of lignocellulose biomass to sugars is 
further promoted and assisted by enzymatic hydrolysis. In consequence, to the action of 
various pretreatments, lignocellulose biomass is now free from the boundaries of lignin, 
and the cellulose and hemicellulose polymers are available for further hydrolysis into 
simple sugars such as glucose and xylose. This process involves carbohydrate 
degradation enzymes such as cellulases and hemicellulases. These enzymes are either 
commercially available and can be produced from various plants and other organisms. At 
present, the use of these enzymes is gaining its importance over the conventional 
chemical catalysts as they are more environmental, friendly and promising to enhance the 
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quality of the produced biofuels.
[42]
 However, their high costs, operational instability, the 
exhaustion of enzyme activity, thermal inactivation, and inhibition by reactants and 
products are few of the main challenges in the study using these enzymes.
[43]
 
2.3.4.1 Cellulases 
  Cellulases are currently the third largest industrial enzymes widely used in cotton 
processing, paper recycling, as detergent enzymes, in juice extractions, and as animal 
feed additives. They are being proven further for their action on biomass products to 
convert them into simple sugars.
[6]
 Most of the industrial cellulases are produced from 
cellulolytic fungi, where large amounts of crude cellulases can be produced from 
genetically engineered strains.  In cellulases, there are mainly three different categories of 
glycosidic hydrolases: endoglucanases, exoglucanases, and β-glucosidases. Cellulase 
enzymes catalyze hydrolysis by general acid/base reactions where endoglucanases act in 
a random manner on the regions of low crystallinity of the cellulosic fiber, exoglucanases 
remove cellobiose (β-(1,4)-glucose dimmer) units from the non-reducing end of cellulose 
chains, and β-glucosidases act sequentially and cooperatively to degrade the crystalline 
cellulose by release D-glucose units from cellobiose and soluble cellodextrins.
[19],[44]
 It is 
also important to note the activity of β-glucosidase since cellobiose and glucose 
accumulation results in inhibition of cellulases. 
2.3.4.2 Hemicellulases 
  Hemicellulases mainly act on xylan whose structure is more complicated than 
cellulose, but does not have the highly crystalline structure making it more accessible to 
enzyme hydrolysis.
[45]
 The main category of enzymes in hemicellulases includes: endo-β-
1-4-xylanase targets the internal β-1-4 bonds between xylose units, exoxylanase that 
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releases xylobiose units, and β-Xylosidases are exo-glycosidases that hydrolyze short 
xylooligomers into xylose units. There are also other ancillary enzymes, which are 
involved in the cleavage process. Finally, due to the action of hemicellulases formation of 
simple pentoses (xylose and L-arabinose), hexoses (mannose) and other sugar acids is 
common.
[19]
 
2.4  MICROALGAE IN BIODIESEL PRODUCTION 
2.4.1 Heterotrophic Algae 
In this research, our focus is on heterotrophic algal species as they give much 
better productivity than other varieties, and we have organic compounds (glucose) 
produced from lignocellulosic biomass to feed algae. J.Liu et al. compared the lipid class 
and fatty acid composition of the green microalga Chlorella zofingiensis under 
photoautotrophic and heterotrophic conditions.
[46]
 According to their study, a 900% 
increase in lipid yield was achieved in heterotrophic cells when fed with 30 gL
-1
 of 
glucose. Their study also stated that heterotrophic cells predominantly accumulated 
neutral lipids that accounted on 79.5% of total lipids with 88.7% being triacylglycerol 
(TGA), thus making the oil from heterotrophic algae more viable for biodiesel 
production. Figure 2.8 shows the variation between lipid and fatty acid profiles between 
photoautotrophic and heterotrophic C. zofingiensis cells. 
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Figure 2.8 Distribution of neutral lipid subclasses of photoautotrophic (white box) and 
heterotrophic (gray box) cells. NL, neutral lipids; SE, steroid ester; TGA, 
triacylglycerols; FFA, free fatty acids; DGA, diacylglycerols; MGA 
monoacylglycerols
[46]
 Source: J. Liu, J. Huang, Z. Sun, Y. Zhong, Y. Jiang, F. Chen, 
Bioresource Technology 2011, 102, 106-110. 
 
 
The Chlorella species are among the most extensively studied strains as they 
accumulate much higher proportion of fatty acids by heterotrophic fermentation systems, 
offering a feasible pathway to produce oil feedstock for biodiesel production in large 
scale.
[47],[48]
 These species also gave good results when cultivated in large scale for 
commercial use with high lipid content in both lab scale bioreactors and commercial-
scale bioreactors.
[49]
 A study conducted by X. Miao et al. group on Chlorella 
protothecoides for biodiesel production concluded that when grown in heterotrophic 
mode, it could reached as high as 55.20% of lipid content and served as an effective 
method for the production of high-quality biodiesel (Figure 2.9).
[50]
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Figure 2.9 Cells of autotrophic and heterotrophic C. protothecoides under 
differential interference microscopy. (B) Almost no lipid vesicles were observed in 
autotrophic C. protothecoides cells. (C) The cells of heterotrophic 
C.protothecoides were full of lipid vesicles
[50]
. Source: X. L. Miao, Q. Y. Wu, 
Bioresource Technology 2006, 97, 841-846. 
 
 
 Also, Chlorella cells possess an inducible active transport system of glucose, 
which could be monitored by the preferential synthesis of cytoplasmic membrane-bound 
protein and significant increase in glucose uptake ion activity.
[51]
 All the above evidence 
from literature supports the usage of chlorella algae species in heterotrophic mode by 
feeding them with sugars produced from the lignocellulosic biomass.  
2.4.2 Advantages in Using Microalgae  
       This section lists out few of numerous advantages in using microalgae for 
biodiesel production adapted from literature.
[52],[53],[54]
 
 Microalgae have higher CO2 sequestration capacity and thereby reducing emissions 
of a major greenhouse gas. 
 These organisms rapidly propagate (even under extreme conditions with wild 
tolerance to environmental conditions) and high product content yielding large 
quantities of lipids/oil. 
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 Their production is not seasonal and can be harvested all through the year, utilizing 
only non-arable land and thus not disturbing resources with conventional agricultural 
crops. 
 They can be cultured without use of fertilizers and pesticides, resulting in less waste 
and pollution.  
 Microalgae utilizes nitrogen and phosphorus from many wastewater resources, 
providing an additional benefits to waste water bioremediation. 
 Their biomass systems are easily adapted to various levels of operational and 
technological skills and have got a minimal environmental impact. 
 By conversion of light or organic matter to chemical energy, they are used for a wide 
range of fuel synthesis like bio-hydrogen, bioethanol, and biodiesel. 
 They produce value-added by-products or co-products (e.g. proteins, polysaccharides, 
pigments, biopolymers, animal feed, and fertilizers).
[55]
 
2.4.3    Microalgae Production Systems 
       Currently, two major types of systems are used for the production of microalgae 
in large scale: 1) open cultivator system and 2) closed cultivator systems. 
1) Open cultivator systems: In these systems, the algae are grown in shallow 
fertilized ponds or raceways that consist of parallel circular tunnels. Typically, the 
movement of the paddle wheels placed in the circulation channels controls the 
flow. For open pond systems shallow water depths of around 0.2-0.3 m are 
generally used. Water management, CO2 addition, supply of nutrients and pH 
control are some parameters to be controlled when growing algae in these systems 
depending upon the intensity of operation and species used for cultivation. The 
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concentration of biomass obtained in these systems is around 0.14 Kg m
-3
.
[55]
 
However, the use of these systems for microalgal species short-listed for oil 
production has not been much proven due to several limitations like culture 
contamination and population crashes.
[56]
 
2) Closed cultivator systems: The technical and biological limitations in large-scale 
cultivation of microalgae in open systems have given rise to the development of 
the closed systems. Though the production in these systems is much more 
expensive than those of the open pond systems, they have got very high-potential 
yields as the microalgae are grown under controlled conditions with very less 
contamination. The photobioreactors (PBRs) are widely used systems in this 
category. The PBRs are closed systems containing glass or plastic tubes arranged 
in parallel either vertically or horizontally. Depending upon their arrangement and 
structure the PBRs are mainly categorized as tubular PBRs, flat-panel PBRs, and 
column PBRs. In these systems, we can add nutrients, control light intensity, pH 
and temperature of the medium, carbon dioxide and oxygen exchange, and 
flotation of biomass there by incorporating ideal conditions for growth of the 
algae.
[55]
 The PBRs may be operated either manually or, increasingly incorporate 
automated monitoring or feedback subsystems to keep the internal culture 
conditions more stable. The performance of these PBR is measured by volumetric 
productivity, areal productivity, and productivity per unit of illuminated surface. 
Hence PBRs are also used as preferred methods for scientific researchers and 
other educational institutions for growth of algae in laboratory scale. 
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2.4.4    Microalgae Cell Harvesting, Disruption and Extraction 
  After attaining maximum growth at a certain point of time the algae need to be 
harvested for their further conversion into liquid fuels. Algae cultures typically have a 
high amount of water, and they need to be separated from their growth medium. For this 
we need the harvesting process which as one of the major components of production, 
accounting up to 20–30% of total cost.[57] This separation of solids from liquids can be 
done in either in single or multiple steps involving various physical, chemical, physico- 
chemical or biological processes. There is no particular method, which can be employed 
on all cultures, but depending upon nature of processes and other methods used an 
economical harvesting method can be selected.  
Below is the list of various technologies used for harvesting of microalgae: 
- Gravity sedimentation - Centrifugation 
- Flocculation - Auto-flocculation 
- Chemical coagulation  - Filtration and screening 
- Flotation - Electrolytic separation 
  For the processes in which the cellular components formed in the microalgae are 
utilized for fuel production, cell disruption is a necessary step for effective recovery of 
the intracellular components. There are many methods through which this process can be 
carried out with the main criterion being on the maximization of the value of the 
materials obtained without affecting the physical and chemical nature of the end 
products. Bead mill homogenizers, freeze fracturing, and ultrasonic disintegration are few 
methods, which are used for cell disruption. By creating rapid pressures, high liquid 
shear, and physical stress on the cell walls effective cell breakage can be acquired. 
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  After effective disruption, microalgae cells need to be extracted for the maximum 
value of the cell components. During these extraction procedures, the microalgae are 
generally exposed to an eluting extraction solvent (such as hexane) which extracts the 
cellular components out of the cell matrices.
[58],[59]
 Apart from using organic solvents for 
extraction process, various other methods like subcritical water extraction, supercritical 
methanol or CO2 extraction, expeller/press extraction and other enzymatic processes are 
also employed.
[60]
 Once the extraction of the cell components is done various conversion 
technologies can be applied on the produced algal biomass and lipid components to liquid 
fuels. 
2.5       ALGAE TO FUEL CONVERSION TECHNOLOGIES 
  There are many kinds of sustainable fuels produced from algae through various 
potential pathways. All the technologies for production of algal fuels can be classified 
into 3 different categories:
[60]
 
1) Direct production of biofuels from algae. Various biofuels that can be produced 
directly from the algae in this category include alcohols, alkanes and hydrogen. 
2) The second technology includes the processing of whole algae into fuels (by 
eliminating the oil extraction step). This category includes processes like pyrolysis, 
gasification, supercritical fluids, and anaerobic digestion resulting in production of 
hydrogen, methanol, biogas, and liquid hydrogen fuels.
[61]
 
3)  The third category includes processing of algal extracts (lipids and carbohydrates) 
into liquid fuels.  
  This section mainly focuses on the strategies involved in the third category where 
algal extracts are utilized for fuel production. Utilization of algal extracts for fuel 
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production has gained much importance over other technologies due to their attractive 
targets, which include gasoline, diesel and jet fuels. These fuel classes are selected as best 
fuel targets as they have been potential to be more compatible than other biomass based 
fuels and are primary products in the transportation sector. As shown in figure 2.10, 
chemical, enzymatic, and catalytic processes can be accomplished on algal extracts for 
their conversion into fuels. The most commonly used algal extracts for this process 
include lipid-based triglycerides. In general, the most common type of reaction employed 
for this process is transesterification reaction, which can be either aided chemically, 
enzymatically or catalytically (discussed in section 2.5.1). The source of oil 
(triglycerides) for this reaction to occur can be from any form of plant source, but the 
microalgae result with high oil and biodiesel content with minimal usage of the land 
(Table 2.5).
[62]
 
  
Figure 2.10 Schematic representation of various strategies in conversion of algal extracts 
to biofuels
[60]
 Source: Department of Biomass Program - National Algal Biofuels 
Technology Roadmap, U.S Department of energy, Energy Efficiency and 
Renewable Energy, 2010. 
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Table 2.5 Comparison of microalgae with other biodiesel feedstocks
[63],[64]
 
Plant source Seed oil 
content (%/wt 
biomass) 
Oil yield 
(L/ha year) 
Land use (m
2
 
year/kg biodiesel) 
Biodiesel 
productivity 
(Kg/ha year) 
Corn/maize 44 172 66 152 
Hemp 33 363 31 321 
Soybean 18 636 18 562 
Jatropha 28 741 15 656 
Camelina 42 915 12 809 
Canola/rapeseed 41 974 12 862 
Sunflower 40 1,070 11 946 
Castor 
 
48 1,370 9 1,156 
Palm 
 
36 5,366 2 4,747 
Microalgae (low oil 
content) 
30 58,700 0.2 51,927 
Microalgae 
(medium oil 
content) 
50 97,800 0.1 86,515 
Microalgae (high oil 
content) 
70 126,900 0.1 121,104 
 
2.5.1    Transesterification 
  Transesterification is a most commonly adapted method for conversion of oil into 
biodiesel. Oils produced from algae or the vegetable oils mostly comprise of more than 
98% of triglycerides and small amounts of mono and diglycerides. Triglycerides are 
complex molecules where the chemical energy is stored in the form of fat. Chemically, 
they are esters of three molecules of fatty acids and glycerol, which contain substantial 
amounts of oxygen in their structure (Figure 2.11). Depending upon the nature of the 
oils, the fatty acids vary in their carbon chain length and in the number of double 
bonds.
[65]
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Figure 2.11 Structure of a typical triglyceride molecule
[65]
 
 It involves a sequence of steps where triglycerides are converted to diglycerides, 
followed by conversion of diglycerides to monoglycerides and finally monoglycerides to 
glycerol yielding alkyl ester molecules in each step (Equation 2.1). This reaction 
proceeds with or without the action of catalyst, but by addition of more alcohol in this 
reaction promotes a right shift with formation of more alkyl esters.
[66],[67]
 The overall 
process of transesterification is given in Figure 2.12. 
 
Triglyceride + ROH              Diglyceride + R
l
COOR 
Diglyceride + ROH               Monoglyceride + R
ll
COOR 
Monoglyceride + ROH            Glycerol + R
lll
COOR 
 
 
Figure 2.12 Overall reaction of transesterification
[68]
 
Equation 2.1 
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 There are several factors that stimulate transesterification reaction like 
temperature of the reaction, catalysts used in the reaction. These reactions occur 
efficiently at a temperature around 60-70 °C, at atmospheric pressure for a given time. 
Agitating the reactants in between is important as they tend to form two-phase liquid 
systems, which decrease the rate of the reaction.
[69],[70]
 Purity of the oils used also play a 
considerable role for effective conversion to take place. Transesterification process in 
general is carried out in the presence of catalysts to reduce the process costs and for better 
yields.
[71],[72],[73]
 Three types of catalysts used for this process are: a) acid catalysts, b) 
base catalysts, and c) enzymes. Acid catalysts are used at high temperatures and 
pressures. Sulphuric acid, hydrochloric acid are two common catalysts used under this 
category.
[74]
 Alkali metal hydroxides and carbonates are used as alkaline catalysts for 
high ester yields.
[75]
 However, care should be taken while using these catalysts as they are 
more sensitive to moisture and promote the formation of soap through a process called 
saponification, subsequently decreasing the yield of esters. Enzymes like lipases act as 
biocatalysts and accelerate the formation of esters and care should be taken that they are 
not degraded by changes in pH, temperature and other organic solvents.
[76],[77],[78]
 After 
effective conversion of triglycerides into biodiesel, it is subjected to various separation 
and purification techniques to remove free glycerol, soap, excess alcohol, and other 
residues of the catalyst.
[79]
 
2.6 INSTRUMENTATION 
 The majority of the research pertained to the analysis of biomass samples and oils. 
The particular focus is the ambient ionization technique called Direct Analysis in Real 
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time (DART) and its relation with mass spectrometry that was used during the research 
for analysis of the biomass samples.  
2.6.1    Mass Spectrometry 
            Mass spectrometry is a versatile analytical technique and well known for its 
sensitivity, speed, selectivity and diversity of its applications. It is a micro analytical 
technique that can be used to selectively detect and determine the amount of analyte.
[80]
 
The basic principle of mass spectrometry is to generate ions from the sample, separate 
them accordingly based on their respective mass-to-charge ratio (m/z), and then detect 
them quantitatively and qualitatively by their respective m/z and abundance. Analysis 
using mass spectrometry is not limited to any certain group of samples and can be 
performed on a variety of molecules that can be ionized. The only fundamental 
requirement is the sample should be able to generate gaseous phase ions. The analyte 
may be ionized thermally by electric fields or by impacting energetic electrons or neutral 
atoms, ions or photons. The ions can either be generated from atoms, clusters, molecules 
or their fragments. Ion separation is effected by static / dynamic electric fields, magnetic 
fields, or in field-free regions.
[81]
 The setup of a mass spectrometer (Figure 2.13) is 
simple and typically consists of the following parts: (1) sample inlet, (2) ion source, (3) 
mass analyzers, (4) detector, and (5) data system. 
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Figure 2.13 Illustration of a mass spectrometer showing a general scheme of flow of its 
various components. 
 
 The sample is either introduced or placed in the sample inlet and from which the 
ion source is used to produce or form ions form the sample. After the ions are formed in 
the source they are then accelerated into the mass analyzer where they are separated in 
vacuum according to their mass and charge. Finally, the ion detector generates an electric 
current, which is amplified and detected to produce a mass spectrum. The mass spectrum 
formed is a two-dimensional representation of signal intensity (on y-axis) versus m/z (on 
x-axis). Hence the intensity of the peak reflects the abundance of ionic species of that 
respective m/z ratio formed from the sample.  
 Mass spectrometers are employed in a wide range of laboratories in industry and 
in educational institutions for research, due to simplification of the instrument operation 
MASS SPECTRUM 
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and data processing software; MS instruments have become user-friendlier. The 
discovery of wide range of ionization techniques has also permitted the interfacing of 
well-known separation techniques such as high-performance liquid chromatography 
(HPLC) and gas chromatography (GC) with relative ease. 
2.6.2    Conventional Ionization Techniques 
 Ionization techniques in mass spectrometric analysis play a vital role and are the 
key factors for the whole process. Before we start with the classification and note of 
various ambient ionization techniques, to have a brief introduction and description on 
traditional ionization sources and understanding the concepts of simple ionization 
techniques is necessary. These methods can be classified as soft and hard ionization 
depending upon their effect on the sample. In soft ionization, molecular ions are 
produced, which represent an intact molecule, usually in the form of a protonated species, 
[M+H]
+
 with little to no fragmentation, as the energy given is less than the bond 
dissociation energy of the molecule, whereas hard ionization provides ions with excess 
energy to break the molecular ion into fragment ions with less m/z ratios. In this section I 
would like to term about the four major and basic ionization techniques, which also 
rested on a path for development and expansion of many other essential techniques of 
ionization. 
Electron Ionization (EI): It is a hard ionization technique in which the gaseous sample 
molecules are bombarded with the stream of electrons, generating a radical cation, 
generally denoted as M
+.
, and two electrons: (Equation 2.1) 
M + e
-
  M
+.
 + 2e
- („M‟ represents a molecule) 
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The EI technique is widely used for the study of relatively volatile organic molecules and 
is common standard form for the ionization for GC-MS. 
Chemical Ionization (CI): It is soft ionization technique where reagent gases (commonly 
methane, isobutene, or ammonia) are employed to produce a species that will actively 
donate (or remove) a proton so the analyte molecule will become a charged ion. 
Depending on the reagent gas, the analyte molecule could be either positively or 
negatively charged. An example showing methane as an ionization reagent is shown 
below: (Equation 2.2) 
CH4 + e
-
           CH4
+.
 + 2e
-
 
CH4
+.
 + CH4          CH
5+
 + CH3
. 
Chemical ionization fragments the molecule to a lower degree than the hard ionization of 
EI and therefore, yields fewer fragments and the resulting mass spectra are simplified 
providing more information on the molecular ion.  
Electrospray Ionization (ESI): Is a most widespread ionization technique used for LC-
MS, and its development has been traditionally attributed to the efforts of John Fenn
[82]
. It 
is a soft ionization technique, which accomplishes the transfer of ions form solution to 
gas phase. This technique is extremely useful for analysis of large, non-volatile, 
chargeable molecules such as peptides, proteins and nucleic acid polymers
[81],[83]
. In this 
technique the sample solution is sprayed across a high-potential difference (a few 
kilovolts) from a needle into the opening of a heated capillary. Heat and gas flows are 
used to desolvate the ions existing in the sample solution. There are three major steps in 
the production of gas-phase ions from electrolyte ions in solution: (a) production of 
charged droplets at the ES capillary tip; (b) shrinkage of the charged droplets due to 
(Equation 2.2) 
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solvent evaporation and repeated charge induced droplet disintegrations leading 
ultimately to very small highly charged droplets capable of producing gas-phase ions; (c) 
the actual mechanism by which gas-phase ions are produced from these droplets. The 
stages (a) to (c) occur in the atmospheric pressure region without requiring any additional 
vacuum systems.
[84]
 
Matrix Assisted Laser Desorption/Ionization (MALDI): This is a matrix associated laser 
desorption ionization technique and was introduced by Karas and Hillenkamp in 1987 
using organic matrix.
[85],[86]
 It is soft ionization technique, which involves two steps. In 
the first step, the compound to be analyzed is dissolved in the solution containing small 
organic molecules called the matrix, which have a chromophore to absorb the laser 
wavelength. The mixture is allowed to dry before the analysis, and the sample is in struck 
multiple times with the laser, and the matrix absorbs the energy. The matrix then absorbs 
the photons from the laser and gets excited, the excited molecules are then stabilized by 
transfer of proton to the analyte, thus ionizing the analyte.
[87]
 MALDI is now widely 
utilized for the analysis of organic molecules, polar, high molecular weight compounds, 
synthetic and biopolymers, proteins, and nucleic acids.
[88]
 
 Field Ionization (FI), Field Desorption (FD), Fast Atom Bombardment (FAD), are 
few other hard ionization techniques and Atmospheric Pressure Chemical Ionization 
(APCI), Atmospheric Pressure Photo Ionization (APPI), nano spray ESI (nESI) are other 
soft ionization techniques, which are not discussed in this section. 
2.6.3    Ambient Ionization Techniques 
 Mass spectrometry saw a transition from vacuum based ionization techniques (EI, 
CI, FD, FAD) to atmospheric pressure based ionization techniques (ESI, APCI, APPI and 
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MALDI) increasing the scope of analysis for a wide range of samples. However, sample 
preparation steps are necessary with any of these ionization sources, therefore, modifying 
the sample was inevitable. An enormous amount of research was to overcome this major 
drawback and make this field more expedient lead to the discovery of a new class of 
techniques called “Ambient ionization techniques”.[89] With these techniques, analysis of 
the sample is performed under ambient conditions that allow direct analysis of sample 
surface with little or no pretreatments. It helps in analysis of wide range of substances 
from various substances and matrices.
[90]
 The sample primarily maintains its original 
chemical and physical states. Samples from various backgrounds like biological, 
pharmaceutical, chemicals, environmental, food, and forensics have been successfully 
analyzed using these ambient techniques.
[91],[92],[93]
 
 Ambient ionization techniques can be sorted or classified in many ways and based 
on a tutorial of ambient ionization mass spectrometry by Haung. M.Z; Cheng. S.C and 
Cha. Y.T. 
[94]
,
[95]
 The three main categories include:  
1) Direct Ionization Techniques: In this method, the analyte molecules in a sample are 
directly analyzed in a high electric field. Depending on the ionization method they are 
further categorized into: 
 Induce electrospray from solution on a sample substrate 
  Direct Electrospray Probe (DEP) 
  Probe Electrospray Ionization (PESI) 
  Paper Spray Ionization (PSI) 
 Induce electrospray from a sample droplet 
 Droplet Electrospray Ionization (Droplet ESI) 
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 Field Induced Desorption Ionization (FIDI) 
 Ultrasound Ionization (USI) 
2) Direct Desorption/Ionization Techniques: In this technique charged reactive species 
like ions or metastable atoms or clusters generated by ambient source are impinged upon 
the sample surface for desorption and ionization. The impinging subjects for direct DI 
can be: 
 Charged solvent droplets 
 Desorption Electrospray Ionization (DESI) 
 Easy Ambient Sonic Spray Ionization (EASI) 
 Electrode-Assisted Desorption Electrospray Ionization (EADESI) 
 Charged solvent ions or metastable atoms 
 Desorption Atmospheric Pressure Chemical Ionization (DAPCI) 
 Dielectric Discharge Barrier Ionization (DBDI) 
 Low Temperature Plasma Probe (LTP) 
 Plasma Assisted Desorption Ionization (PADI) 
 Atmospheric Glow Discharge Ionization (APGDI) 
 Desorption Corona Beam Ionization (DCBI) 
 Impact sample surface by photons 
 Laser Spray Ionization (LSI) 
3) Two-step Ionization: In this process, the analyte molecules are desorbed and then 
brought to the ambient ionization source for post-ionization. In the first step, the analyte 
molecules generate analyte species from liquid or solid samples by the effect of laser 
desorption, thermal evaporation, thermal desorption, nebulization or shockwaves. In the 
second step, the formed analyte species react with charged solvent species or metastable 
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atoms generated through ESI, APCI, or photoionization to form analyte ions (post-
ionization). Depending on the sampling and ionization method, they are further classified 
into: 
 Gas stream (Sampling method) 
 Charged ESI solvent species (Ionization method) 
 Secondary Electrospray Ionization (SESI) 
 Fluid Droplet Electrospray Ionization (FD_ESI) 
 Charged species generated by APCI (Ionization method) 
 Liquid Surface Penning Ionization (LPI) 
 Atmospheric Pressure Penning Ionization (APPI) 
 Laser desorption ablation and laser induced shock waves ( Sampling method) 
 Charged ESI solvent species (Ionization method) 
 Electrospray Laser Desorption Ionization (ELDI) 
 Laser Ablation Electrospray Ionization (LAESI) 
Matrix Assisted Laser Desorption Electrospray Ionization 
(MALDESI) 
 Charged species generated by APCI (Ionization method) 
Laser Desorption Atmospheric Pressure Chemical Ionization 
(LD-APCI) 
Laser Diode Thermal Desorption (LDTD) 
 Pyrolysis thermal desorption, and heating ( Sampling method) 
 Charged ESI solvent species (Ionization method) 
 Electrospray Assisted Pyrolysis Ionization (ESA-Py) 
Thermal Desorption Ambient Mass Spectrometry (TDAMS) 
 Charged species generated by APCI (Ionization method) 
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 Direct Analysis in Real Time (DART) 
 Atmospheric Solids Analysis Probe (ASAP) 
 Photons and charged species generated by APPI (Ionization method) 
Desorption Atmospheric Pressure Photo-ionization (DAPPI) 
2.6.4 Tandem Mass Spectrometry  
 Tandem mass spectrometry (MS
n
) is a method where mass selected ions are 
subjected to a second mass spectrometric analysis after collisional activation to derive a 
better structural detail of the analyte. Soft ionization methods can generate molecular ions 
with little fragmentation so activation (e.g. fragmentation) of these molecules is 
necessary to obtain structural detail.   Tandem MS can be performed in two ways: (a) in 
space by coupling of two physically distinct instruments or (b) in time by performing an 
appropriate sequence of events in a single ion storage device. Tandem MS involving two 
mass analysis steps is abbreviated as MS/MS (or MS
2
) and the number of steps can be 
increased to yield MS
n
 experiments (where n refers to the number of generations of ions 
being analyzed allowed by a specific instrument).  Figure 2.14 shows a schematic 
representation of a tandem mass spectrometry experiment where MS1 and MS2 are first 
and second stage of mass analysis respectively. 
 
Figure 2.14. Schematic representation of a tandem mass spectrometry experiment
[96]
. 
Source: K. M. Downard, R. S. o. Chemistry, Mass Spectrometry: A Foundation 
Course, RSC, Royal Soc. of Chemistry, 2004. 
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 The ion selected for fragmentation is called the precursor ion, and the ions 
generated through bond cleavage of the precursor ion are referred to as product or 
fragment ion(s). The cleavage or dissociation of the precursor ion takes place by two 
simple steps: 1) first step, the precursor ions are excited by electronic and vibrational 
forces, and 2) second step, dissociation of the excited precursor ions occur to form the 
fragment ions. The first and second steps are known as collisional activation or collision-
induced (CAD or CID, respectively).  Commonly, an unreactive collisional event to 
induce dissociation occurs with monoatomic helium. A linear ion trap mass spectrometer 
was utilized in this research and is a tandem in time model; hence the ions are captured in 
the ion trap region using voltages from the endcaps and the targeted precursor ions are 
isolated by varying the RF voltage.  Finally, when the level of fragmentation is reached, 
produce fragment ion(s) can be analyzed with another stage of mass analysis.  
2.6.5 Mass Analyzers and Detectors 
 Mass analyzers are used to separate and measure the mass-to-charge ratio (m/z) of 
formed gas-phase ions. There are many kinds of mass analyzers, which use different 
principles and fields (static or dynamic electric or magnetic fields) to achieve separation. 
Table 2.6 summarizes different types of mass analyzers used and their principle of 
separation. Mass accuracy, mass resolution, mass range, transmission and speed are 
various parameters to be considered while selecting a suitable mass analyzer. 
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Table 2.6 Type of analyzers used in mass spectrometry
[97]
 
Type of Analyzer Symbol Principle of Separation 
Time-of-flight TOF Velocity (flight time) 
Quadrupole Q m/z (trajectory stability) 
Ion trap IT m/z (resonance frequency) 
Electric sector E or ESA Kinetic energy 
Type of Analyzer Symbol Principle of Separation 
Magnetic sector B Momentum  
Fourier transform ion cyclotron resonance FTICR m/z (resonance frequency) 
Orbitrap  OT m/z (resonance frequency) 
  
 As previously mentioned, the linear Quadrupole Ion Trap (LIT) mass analyzer is 
used analysis in this project. The LIT ejects ions sequential (according to m/z) from a  
stable trajectory in oscillating electric fields (ejects from being trapped in a specific 
define area). Stable ion trajectories are described by solutions to derivations of the 
Mathieu equations but ejection potentials can be reached by scanning the radiofrequency 
(RF) potential.  The generated RF quadrupole field that traps ions can be configured in 
two or three dimensions where they are classified as 2D and 3D ion traps respectively. 
The LIT uses 2D field potential and hence referred as a two–dimensional quadrupole ion 
trap (2D QIT) and has more than 10–fold higher ion trapping efficiency than three–
dimensional quadrupole ion traps (3D QIT). 
 The ions separated through the mass analyzer are then detected and transformed 
into a usable signal by a detector. Depending upon the abundance of the incident ions 
upon the detector, an electric current is generated and recorded through the computer 
interface. There are various types of detectors available, and the choice is made 
considering the most common applications that will be employed. Conversion dynode 
and an electron multiplier are the typical detector system used with the LIT. The ions 
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ejected from the mass analyzer are attracted to the conversion dynode by using opposite 
potentials and there by produce secondary particles (e.g. electrons), which are accelerated 
into an electron multiplier by using voltage gradient. These secondary particles eject a 
cascade of electrons stream by striking the walls of electron multiplier producing 
measurable current at anode and is recorded in the form of signal in the data systems. 
2.6.6 Direct Analysis in Real Time Mass Spectrometry (DART) 
 DART is a plasma based ambient ionization technique used as the ionization 
source in the research presented. The DART technique was introduced by Cody and his 
coworkers in the year 2005.
[99]
 Due to simple and rapid analyses of gases, liquids and 
solids in an open air under ambient conditions, DART has gained popularity since its 
introduction. The DART source is aimed at the inlet of a mass spectrometer and can use 
any mass spectrometer with an atmospheric pressure inlet.
[98]
 DART is based on 
atmospheric pressure interaction of long-lived electronic excited state atoms or vibronic 
excited state molecules with the sample and atmospheric gases.
[99]
 The basic DART 
source is divided into three parts (Figure 2.15).  The first chamber is also known as 
discharge chamber, which serves as the main inlet for the gases but also includes a 
cathode and anode to initiate an electric discharge producing ions, electrons, and excited 
state species in the generated plasma. The second chamber contains perforated electrodes 
that can be biased and used to remove unwanted ions form the gas stream. The final 
chamber can be used to heat the gas to desired temperature (maximum of 500°C). The 
final perforated and grid electrodes serve to remove any additional ionized species from 
the stream such that only metastable gas atoms or molecules exit the DART source. The 
gas flows out through a grid that is directed onto the sample.  Ionization occurs when the 
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DART gas makes contact with the sample at a contact angle of 0° or reflected off a 
sample surface at approximately 45°.
[100]
 Samples are introduced and ionized between the 
DART exit and the inlet of the mass spectrometer. Helium, nitrogen, and/or argon are the 
reagent gases utilized for the DART ion source. 
 
Figure 2.15 Scheme of DART-ion source
[101]
. Source: J. Hajslova, T. Cajka, L. Vaclavik, 
TrAC Trends in Analytical Chemistry 2011, 30, 204-218. 
  
The DART is used in both positive and negative mode and ions formed by DART depend 
on the nature of the gas, ion polarity, and whether dopants are present. In positive ion 
mode, molecular ions (M
+.
) are mainly observed when nitrogen is used while protonated 
[M + H]
+
 cations are typically formed when helium is used.
[102]
 Adducts have also been 
observed when an ammonia source is present nearby the DART source while analyzing 
samples, [M + NH4]
+
.  In negative ion mode, mass spectra is mainly dominated by 
deprotonated [M – H]– anions, while some negative charge ions (M–.) are observed for 
specific compounds.
[103]
 In operation of DART source, a small membrane pump 
(Vacuubrand, Wertheim, Germany) was used to create a partial vacuum in the Vapur
®
 
adapter flange between the DART ion source and the mass spectrometer. All parameters 
of the experiment were measured using the DART SVP interface software. A SVP 
controller box is used to manage the software system and the flow of nitrogen and helium 
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gases. DART ion source was operated using an Apple iPod touch. It is the user interface 
for the DART SVP system and has in-built software for the DART SVP operation. It is 
used for all the operations of the DART source like temperature and voltage regulation, 
manipulation of the linear rail, setting up an analytical method, selecting the ionization 
mode, turning on/off of the DART source, etc. The iPod operates with a wireless Wi-Fi 
connection to the controller. DART source was operated under following conditions, 
positive ion mode; nitrogen/helium gas pressure: 80 psi; gas temperature: 450
o
C; 
discharge needle voltage, +1.5 kV; and grid electrode voltage, 200V.  High purity 
nitrogen (99.998%) was used as the standby gas and the gas was automatically switched 
to high-purity helium (99.998%) in run mode.   The orifice of the DART ion source was 
oriented so that the exit of the source point directly towards the MS sampling orifice. 
DART - sample - orifice distance was around 7mm during the analysis. Sample 
ionization was instantaneous when the DART gas stream contacted the sample. The mass 
acquisition range was around 100 – 600 m/z for all the samples. Typical full scans did not 
exceed 600 u since no products were observed above this mass range.  
 The LTQ XL
®
 linear ion trap mass spectrometer was used to obtain the mass 
spectra of the ions or compounds formed from the samples. It had a mass range between 
m/z 50 to 2000 and obtained mass spectra up to 2 decimal places. The mass spectrometer 
settings included: capillary voltage: 30 V; tube lens voltage: 100 V; capillary 
temperature: 200°C. The ion optics settings were as follows: Multipole 1 offset voltage, -
4.5 V; multipole 2 offset voltage, -8.0 V; lens 1 voltage, -4.2 V; lens 2 voltage, -15.0 V; 
gate lens voltage, -35.0 V; front lens voltage, -5.25 V. The detector voltage was set to 15 
kV. The instrument was calibrated periodically, every one to three months as instructed 
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by the manual utilizing a standard calibration mixture provided by the manufacturer. 
Calibration of the instrument was performed using a traditional ESI ion source. The 
calibration solution (Pierce
®
 LTQ ESI Positive Ion calibration solution) used consisted of 
caffeine, MRFA (L-methionyl-arginyl-phenylalanyl-alanine acetate monohydrate), and 
Ultramark 1621 (covered m/z range: 150 – 2000) in an acetonitrile/methanol/water 
solution containing 1% acetic acid (Thermo Scientific, Rockford, IL, USA). 
Fragmentation of selected precursor ions was possible in the ion trap with collision-
induced dissociation (CID) energy by colliding the precursor ion with He atoms 30 eV 
(30 normalized collision energy).  The ion trap collision cell was supplied with ultra-high 
purity helium gas. All data analysis and peak integration was accomplished through the 
Xcalibur software. At the end of the analysis mass spectra and chromatograms of the 
sample analyzed were obtained. 
2.6.6.1 Ionization Mechanisms in DART 
 DART ionization creates electrons, radical ions, and metastable neutrals from 
species created by the interaction of the reagent gas with the electrical plasma. Several 
ionization mechanisms are possible in DART depending on the polarity, proton affinity, 
ionization potential of the analyte, reaction gas, and the presence of additives and 
dopants.
[98a]
 The three main proposed mechanisms in DART ionization include: 
 Penning Ionization:  This mechanism involves the transfer of energy from an 
excited gas M* to an analyte A. This reaction may be possible if the analyte, A, 
has lower ionization energy than the internal energy of the excited gas atom or 
molecule M*. This leads to the formation of a radical molecular cation A
+.
 and an 
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electron (e
-
) as seen in equation 2.3. This is a dominant reaction mechanism 
when using nitrogen or neon gases. 
A + M* → A+. + M + e-    Equation 2.3 
 Proton Transfer: This ionization occurs mainly helium is used. The 23S state of 
helium is a long-lived metastable with an internal energy of 19.8 eV, which is 
higher than the ionization energies of most common organic molecules and 
atmospheric gases. The reaction of the 2
3
S state of helium with ambient water is 
very efficient and protonated water clusters are generated as seen in below 
reactions (equation 2.4). 
H2O + He(2
3S) → He(11S) + H2O
+.
 + e
- 
H2O + H2O
+.→ H3O
+
 + OH
.
    Equation 2.4 
H3O
+
 + nH2O → [(H2O)nH]
+
 
[(H2O)nH]
+
 + A → AH+ + nH2O 
 Electron capture: In this technique, electrons produced by penning ionization or 
by surface penning ionization are rapidly thermalized by collisions with 
atmospheric pressure gas and thereby underdo electron capture by atmospheric 
oxygen to produce O2
-.
. This O2
-
 reacts with analyte to form anions thus 
contributing to negative ion formation (equation 2.5).  
M* + surface → M + surface + e- 
e
-
fast + gas → e
-
slow    Equation 2.5 
e
-
slow + O2→ O2
-
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DART negative-ion reagent mass spectra are virtually identical for nitrogen, neon, and 
helium. However, negative- ion sensitivity increases for DART gases in the following 
order: nitrogen< neon < helium.
[99]
 This occurrence results from increased efficiency in 
forming electrons by Penning ionization and surface penning ionization as the internal 
energy of the metastable species increases.  
2.6.6.2 Applications of DART 
 The DART has been used for various applications due to both its ease of use, 
versatility and commercial availability. Most of the applications reported to capitalize on 
the rapid and sensitive analyses with high precision and sensitivity. It successfully used 
for both qualitative and quantitative chemical analysis. DART has demonstrated success 
in analysis of wide range of samples that include: Drugs
[104]
,
[105]
, body fluids or 
tissues
[106]
, explosives
[107]
, inks and dyes
[108]
, foods
[101]
, spices and beverages, 
proteins
[109]
, synthetic organic or organometallic compounds
[110]
, polar and non-polar 
compounds
[111]
, toxic chemicals, etc. 
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CHAPTER 3 
 
CHEMICAL CHARACTERIZATION OF PRETREATED SWITCHGRASS BY 
DART-MS 
 
3.1. INTRODUCTION 
A prolific amount of research is being conducted on lignocellulosic biomass 
materials for biofuel production. Hundreds of articles are being published every year; 
however, success of commercial biofuel production from biomass is still uncertain and 
faces major economic, political, and technical challenges.
[112]
 This chapter focuses on the 
analysis of pretreated switchgrass samples was to analyze switchgrass samples after 
specific pre-treatments (using Direct Analysis in Real Time Mass Spectrometry (DART-
MS) to determine if a production of chemical makers were present to signify effective 
degradation of the biomass. A brief overview is given on lignocellulosic materials, 
switchgrass establishment procedures, and the specific research pertaining to the 
pretreatment method of switchgrass. Using the novel DART MS method, simple and 
rapid analysis DART (discussed in chapter 2) has got its novel application in the analysis 
and characterization of biomass (switchgrass) samples. The switch grass after 
pretreatments expose structure carbohydrates (cellulose and hemicellulose) is then 
subjected to enzymatic saccrification to form sugars. These sugars are then fed to 
heterotrophic algae that form oil that can then be extracted and converted to biodiesel. In 
the entire process with converting biomass to biodiesel, analysis of biomass at each step 
is very important. The main areas of focus in this chapter pertain to the determination of 
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pretreatment effectiveness, identification of degradation products of the biomass, 
identification of biomarkers, and increase in net carbon sugar production. 
3.2 MATERIALS AND METHODS 
3.2.1 Switchgrass Biomass 
Switchgrass was bladed and harvested from the bale using hay probes from The 
University of Kentucky, Spindletop farm. All the analysis was done using the Alamo 
variety of switchgrass.  The samples obtained were physically grounded to fine particles 
of various sizes to ensure better results after the pretreatment process.  Size reduction was 
done by grinding / ball-milling and then by passing through a sieve of desired size. 
Mature Alamo switchgrass was ground to 2mm, 1mm and ball milled. Ground samples 
were stored in sealed plastic bags at room temperature until further use for 
characterization and pretreatment.   
3.2.2 Pretreatment of Biomass 
While chemical pretreatments were eventually performed on switchgrass samples 
and analyzed, initial analysis was done with the raw material of switchgrass samples.  
The raw material was analyzed accordingly with different sizes and at different 
temperatures (ranging from 200°C to 500°C) of the ionization source.  To improve signal 
uniformity of the raw material samples, the Alamo switchgrass ground samples were 
simply incubated with specific ratios of methanol and water (ranging from 0 to 100% 
methanol) at room temperature and the resulting supernant was extracted and then 
analyzed. The methanol was HPLC-grade purchased from Thermo Fischer Scientific 
(Fair Lawn, NJ, USA). Ultra-pure water (18.0 MΩ) was produced in-house with a 
NANOpure Ultra Water Purification System (Barnstead/Thermolyne Inc., Dubuque, IA, 
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USA). In addition, various chemical and physical pretreatments of the biomass samples 
were performed including dilute acid (2.5% Sulfuric Acid), alkaline (1% NaOH), lime 
(0.6% Ca(OH)2) aqua ammonia (30% NH3OH), and microwave (microwave radiation at 
680W with water) where the resultant residues were then analyzed. For each 
pretreatment, the reagent of interest was added to 5g samples of mature Alamo 
Switchgrass ground to 2mm, 1mm, and ball milled, respectively. The resulting mixture 
was then raised to a temperature of 121
o
C for 1 hr. After this incubation was completed, 
the slurry was filtered, washed with deionized (DI) water, and the residue was retained in 
the glass bottles for further analysis. A simple methanol and water extraction (1:1 
methanol/water ratio) was done with the residue after each pretreatment, and samples 
were analyzed. Methanol water extractions were used to analyze the samples, instead of 
analyzing direct residues, as the peaks formed after analysis gave much clear peaks and 
data. Before choosing with 1:1 methanol/water, samples were extracted with various 
proportions of methanol-water and found that 1:1 ratio works best for all the pretreated 
residues (explained in section 3.4.2). All reagents were purchased from either Fisher 
Scientific (Pittsburgh, PA) or Sigma Aldrich (St. Louis, MO). A simple water extract 
with switchgrass samples was used as control.  
3.2.3 Standards 
To ascertain the formation of various peaks after pretreatments a study of 
standards was done, standards materials of cellulose, hemicelluloses and lignin were used 
(since they form the major constitution of lignocellulosic biomass). These standards were 
subjected to same pretreatments and extractions as the previously described switchgrass 
samples. To improve signal uniformity, all the samples were also extracted with 1:1 
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methanol:water before DART-MS analysis. Cellulose and hemicellulose obtained from 
Sigma-Aldrich (St. Louis, MO).  The lignin (originating from switchgrass) was supplied 
from General Atomics (San Diego, CA). 
All the samples (switchgrass raw material, pretreated switchgrass, and standards) 
were prepared in two sets and analyzed multiple times to ensure reliability and 
reproducibility with peak formation throughout the analysis. Samples were stored in a 
refrigerator at temperature below 10°C when not in use to prevent decomposition and 
bought to room temperature before analysis. 
3.3 INSTRUMENTATION 
A linear ion trap mass spectrometer LTQ XL linear ion trap (LIT) mass 
spectrometer (Thermo Scientific, San Jose, CA, USA) equipped with an ambient 
ionization source, A Direct Analysis in Real Time (DART
®
) SVP (Standardized Voltage 
and Pressure) ion source (Ion Sense, Saugus, MA, USA) was used for biomass analysis.  
As previously discussed in Chapter 2 section 2.6.6, the DART ion source has a 
cylindrical metal casing that encloses a discharge glow chamber with electrodes and a 
heater. When a reagent gas is used, typically nitrogen or helium, heated metastables are 
formed that emerge from the ion source and interact with available analytes that can be 
desorbed, ionized, and then allowed to enter the mass spectrometer for mass spectral 
analysis.  The DART source is mounted directly to the mass spectrometer with the help 
of an adapter flange.  A movable linear rail connected to the adapter flange was used to 
hold up to 12 samples (typically samples applied to Dip-It glass tips) where the samples 
could be placed between the gas stream of the DART ion source and the ceramic tube 
entrance of the mass spectrometer at a constant rate.  Liquid or solid samples were 
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deposited manually onto the closed end of a Dip-It glass sampler by dipping it directly 
into the sample. This technique roughly applies either 1 µL of liquid or 0.1 mg of solid 
sample.  A constant speed of 0.5 mm/s was used for the Dip-It tip rail system. For the 
analysis of the solid biomass samples that did not adhere to a glass sampler, tweezers 
were used to manually hold the sample in front of the opening of DART orifice.  
Instrument operation and parameters have been outlined in Chapter 2, and no deviations 
occurred during this analysis. All the mass spectra displayed in this chapter range from 
around 50-500 amu. Initially, all the sample analysis was done up to 1000 amu, but since 
no major consistent peaks formed after 500 amu, mass range was cut down to around 500 
amu for better view of targeted peaks.  
3.4 RESULTS AND DISSCUSSION 
3.4.1 DART Temperature Ionization Efficiency 
In developing the method for analysis of switchgrass biomass samples by DART-
MS, the temperature effect on the ionization of analytes has been observed was studied 
with these samples
[113]
.  It was also determined the temperature of the reagent gas (e.g. 
helium) was found to significantly impact the formation and intensity of certain peaks in 
the resulting mass spectra. Direct raw materials of switchgrass biomass were analyzed at 
different temperatures ranging from 100
o
C to 500
o
C. It was found that by increasing the 
temperature of the ionizing gas, a decrease in the background noise was observed while 
increasing the intensity of analyte peaks.  In fact, the increase of temperature also resulted 
in the formation of new peaks when analyzing the same sample. Hence an increase in 
ionizing gas temperature results in the higher ionization efficiency of analytes in the 
sample. After continually working at three specific temperatures (e.g. 250
o
C, 350
o
C, 
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450
o
C), it was determined that 450
o
C was suitable for ionization of all samples since a 
variety of peaks were formed with high signal intensity and low background noise. 
3.4.2    Methanol Water Extractions of Switchgrass Samples 
            Initial mass spectra produced from direct analysis of biomass samples 
(specifically, raw material held in ion source with tweezers) gave predominately 
background noise and the signal to noise ratio of available analyte peaks was not high. To 
improve the signal intensity and uniformity for all the samples, an extraction protocol 
with methanol and water was used at various concentrations (0 to 100% methanol). 
Interestingly the extracted samples showed a significant peak of 198. This peak 
corresponds to an ammonium adduct of glucose [180+NH4]
 + 
(Figure 3.1). The formation 
of glucose peak was confirmed by analyzing standard glucose solution under same 
conditions. The fragmentation profiles of the standard glucose peak (m/z 198) were 
similar to the biomass samples. An ammonium adduct formation was observed without 
introducing an ammonium dopant. This reaction of atmospheric nitrogen with protonated 
gaseous water clusters (generated when metastable helium atoms by Penning ionization) 
can result in the formation of the available ammonium ions. However, the exact 
mechanism for the formation of ammonium adducts is yet to be studied. Fragmentation 
profiles of the glucose peak at m/z 198.11 produced a base peak at m/z 180.17 (loss of 
ammonium adduct), further fragmentation of the peak at 180.17 produced a peak at m/z 
163, which could be a water and ammonia loss, and another peak at m/z 145, which is as 
a result of a loss of OH
–
 from m/z 163. The fragmentation patterns obtained were similar 
to that of the standard glucose analysis, thus further confirming the presence simple 
glucose sugars (Figure 3.2).
[113]
 These fragmentation experiments were generated using 
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collision-induced dissociation (CID) of 30eV. The formation of the 198 peak can be 
attributed to the ammonium adduct for the innate sugar molecule (e.g. glucose) from the 
biomass. The presence of this peak was also observed with certain physical pretreatments 
as well but not readily observed with most chemical pretreatments. In addition, analysis 
by high-performance liquid chromatography with refractive index detection (HPLC-RI) 
of any pre-treatments samples (prior to enzymatic treatment) did not yield detectable 
amounts glucose. Sample extraction is one of the major steps to be considered throughout 
the analysis of biomass samples. A ball-milled Alamo variety of switchgrass sample was 
extracted with various ratios of methanol and water to determine the combination that 
will result in a better extraction process. Different ratios of methanol and water used 
include: 100:0, 90:10, 70:30, 50:50, 30:70, 10:90 and 0:100. The intensity or peak area of 
the 198 peak formed after the analysis of extracts (of biomass) was used to determine the 
more able combination of methanol and water. Ratio of 50:50 (MeOH: H2O) was found 
to be more productive of all combinations and was further used for extraction of all 
samples (Figure 3.3 and Figure 3.4). The glucose peak observed after simple extraction 
was not seen after chemical pretreatments and was seen with simple physical 
pretreatments. Hence the sample extraction helps to dissolve the innate sugars present in 
the switchgrass, which may undergo modification after certain chemical pretreatments. 
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Figure 3.1. DART-MS spectrum of Switchgrass Alamo sample after 1:1 
methanol and water extraction at 450
o
C. The 198 peak corresponds to ammonium 
adduct of glucose. 
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Figure 3.2. Tandem mass spectrum (MS/MS) of the precursor ion of m/z 198 generated 
from Switchgrass Alamo sample after 1:1 methanol and water extraction. 
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Figure 3.3. DART-LIT mass chromatogram showing the intensity of 198 peak 
formed after methanol and water extractions at various proportions such as: 100:0, 
90:10, 70:30, 50:50, 30:70, 10:90 and 0:100 (from left to right). 
 
  
 
 
Figure 3.4. Average peak area of methanol water extractions. 
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3.4.3 Biomass Pretreatment  
            Spectra of pretreatment samples were different from the simple methanol and 
water extractions of the biomass sample. A decrease in the m/z 198 peak occurred when 
compared to initial extracted samples.  In addition, with specific chemical pretreatments 
(i.e. lime, dilute acid, and alkaline), the presence of polymeric peaks showing a regular 
pattern, with an apparent uniform separation of mass difference between adjacent peaks 
was observed. In Physical pretreatment such as microwave, where no chemicals were 
used, the peak at m/z 198 was strong with reduced formation of polymeric peaks (Figure 
3.5).  The formation of these peaks after pre-treatment could be the ionization of 
degradation products from cellulose, hemicellulose, and lignin chains, available from the 
internal structure of biomass. These peaks were in the mass range from 350 u to 500 u 
with a median of this pattern occurring about 413 u. Figures 3.6, 3.7, and 3.8 represent 
the spectra showing this pattern for lime, dilute acid, and alkaline pre-treatments, 
respectively. Dilute acid and lime pretreatment gave enhanced formation of these 
polymeric peaks when compared to other methods. Occurrence of these polymeric peaks 
could result from cellulose or hemicellulose fragment ions or lignin-derived ions. To 
predict the occurrence of these peaks standard materials of cellulose, hemicelluloses and 
lignin were analyzed under same conditions as of switchgrass samples. Figure 3.9 shows 
a DART-MS spectrum for a sample of standard cellulose extracted by the same 
procedure as the switchgrass samples.  It can be observed that a set of polymeric peaks 
exists but are not the same molecular weight values as the ones produced from the 
switchgrass samples, mass range for cellulose peaks range from 300 u – 380 u (compared 
to previously observed (350 u to 500 u).  Therefore, the peaks associated with the 
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cellulose standards are peaks corresponding to ionized fragments of the cellulose chain. 
Similar deviation was seen with the peaks obtained from standard hemicelluloses (Figure 
3.10). Hence the polymeric peaks with the switchgrass samples may not be the 
degradation products of cellulose and hemicelluloses. However, the mass spectrum 
accomplished with the standard lignin (obtained from switchgrass) after exposed to pre-
treatment was questionable suspect. Mass spectral patterns of the lignin exposed to basic 
pre-treatments (e.g. NaOH) gave similar patterns to specific switchgrass samples (Figure 
3.11). No lignin-derived ions (based on reported literature:
[114]
) were observed in the 
DART-MS mass spectrum. A pattern similar to the phytosterol compounds was present. 
Lignin, derived from wood was analyzed, similar to switchgrass samples and the pattern 
of the mass spectra was not similar to that of the lignin obtained from switch grass 
(Figure 3.12). Masses of many lignin derived compounds from the literature did not 
support to the one obtained from switchgrass lignin. Hence the purity of the lignin 
“standard” that is being used for comparison to switchgrass samples is suspect.  Other 
sources of lignin may need to be obtained and the purity confirmed to determine if 
degradation products from only lignin could be generated with the pre-treatment 
methods. 
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Figure 3.5. The DART-MS Spectrum generated from a switchgrass sample extracted 
after microwave pretreatment. Red circle indicates the 198 peak. 
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Figure 3.6. The DART-MS Spectrum generated from a switchgrass sample extracted 
after lime pre-treatment. Red circle indicates the location of the observed polymeric 
peaks. 
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Figure 3.7. The DART-MS Spectrum generated from a switchgrass sample extracted 
after dilute acid pre-treatment. Red circle indicates the location of the observed polymeric 
peaks. 
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Figure 3.8. The DART-MS Spectrum generated from a switchgrass sample extracted 
after alkaline pre-treatment. Red circle indicates the location of the observed polymeric 
peaks. 
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Figure 3.9. The DART-MS Spectrum generated from an extracted cellulose sample. 
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Figure 3.10. The DART-MS Spectrum generated from an extracted Hemicellulose 
sample. 
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Figure 3.11. The DART-MS Spectrum of Lignin sample obtained from switchgrass after 
Alkali pre-treatment. 
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Figure 3.12 The DART-MS Spectrum of Lignin sample obtained from wood after Alkali 
pre-treatment. 
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Insight on the project came with the report of ions generated from DART-MS 
derived from printing and writing papers.
[114]
  In this article, Adams et al determined by 
DART ionization with high-resolution (high mass accuracy) mass spectrometry the 
identification of compounds from various reference papers.  The mass-to-charge values 
from some of these peaks were identical to the peaks observed from the switchgrass 
samples.  This should not be too surprising since the plant fibers that generated the papers 
will be similar to those in switchgrass fibers.  Specifically, it was reported that a class of 
compounds (phytosteroids) from reference papers produced ions (with DART) at m/z 
397, 411, 413, and 429 (the same ions that are predominately observed with switchgrass 
extracts using DART-MS).  The identification of compounds for the specific m/z values 
is shown in Table 3.1. The four products from Table 3.1 probably originate from -
sitosterol found in the switchgrass fibers.  These phytosterols compounds are steroids and 
similar in structure to cholesterol.  The molecular [M+H]
+
 ions of stigmastan-3,5-diene 
(m/z 397) is a fragment (water loss) of the -sitosterol molecular ion that occurs during 
the ionization process.  The remaining phytosteroids (m/z of 411, 413, and 429) most 
likely originate from the oxidation of -sitosterol.  Therefore, the observed patterns are a 
result of phytosterol extraction opposed to ionization of lignin-based products. 
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Table 3.1 Reported compounds resulting from the analysis of reference papers by 
DART-MS
[114]
 
m/z Formula Name Structure 
397 
397.383 (exact 
m/z) 
C29H49
+
 
Stigmast-3,5-
diene 
 
411 
411.363 (exact 
m/z) 
C29H47O
+
 
Stigmast-3,5-
diene-7-one 
 
413 
413.378 (exact 
m/z) 
C29H49O
+
 
Stigmast-4-en-3-
one 
 
429 
429.373 (exact 
m/z) 
C29H49O2
+
 
Stigmastane-3,6-
dione 
 
 
3.5 SUMMARY 
Analysis of switchgrass samples was accomplished with the DART-MS system. 
Initial sugars were found in all biomass samples supported by the formation of m/z 198 
(glucose ammonium adduct) peak from all methanol and water extracts. With the 
observation of glucose being reduced after certain pre-treatments, a method to determine 
the amount of initial glucose from all raw materials will be accomplished.  If significant 
amounts of glucose were present, then a pre-extraction step would be needed to avoid 
losing glucose by the chemical pre-treatment methods and achieving a higher net glucose 
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formation. The most promising data in determining the existence of a biomarker relating 
to biomass degradation was the formation of polymeric peaks. Polymeric peaks could be 
potential biomarkers to determine the effectiveness of pre-treatment steps on the biomass 
and a potential method to use when considering future biomass candidates for biofuel 
production. These peaks correspond to the strongly lipophilic compounds such as 
phytosteroids. Dilute acid and Lime pretreatment gave enhanced formation of these 
polymeric peaks when compared to other pretreatment methods.  While there is a 
measureable difference in the extraction of phytosterol compounds based on different 
pre-treatment methods, there were no lignin-derived ions observed in the mass spectra.  
All analysis on the chemical pre-treatment of biomass was repeated to determine 
consistency of the initial data.  The second set of analysis was similar to initial data.  
While these lignin-based compounds might have been generated, they were not readily 
observed when compared to the phytosterol-derived ions.  While the difference of 
extraction of phytosterol compounds was observed based on pre-treatments, no easy 
correlation was made with respect to final sugar production.  A separation protocol to 
previously separate the phytosterols before extraction of any possible lignin-derived 
compounds could be developed.  
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CHAPTER 4 
 
DART-MS OF OIL FEEDSTOCKS AND SUBSEQUENT BIODIESEL SAMPLES 
 
4.1 INTRODUCTION 
Since the main criterion for the proposed biofuels, research initiative was the 
production of biodiesel from oils produced by algae, the effectiveness of the lipid 
extraction processes needs to be investigated through the analysis of the algal oils 
produced. Therefore, data presented here pertains to the analysis of oil feedstocks (and 
the resulting biodiesel) using a novel ambient mass spectrometry (e.g. DART-MS). 
After extraction of sugars from lignocellulosic biomass using various 
pretreatments and enzymatic saccrification, the produced sugars are fed to algae that 
produce oil, which can further be converted to biodiesel. In terms of the type of algae 
used, microalgae are promising feedstock for biodiesel production because of their rapid 
growth rate and high intercellular content of lipids. They are microscopic photosynthetic 
organisms, which are commonly found in damp places, bodies of water and are grown in 
both terrestrial and aquatic environment. They are considered as fast growing beasts with 
a voracious appetite to carbon dioxide. They have similar photosynthetic mechanisms as 
that of land based plants converting the energy of sunlight into chemical energy. 
Depending upon the metabolisms type, microalgae are classified as following:
[115]
  
Autotrophic algae: They use light as the energy source and converted to chemical energy 
using photosynthetic processes. 
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Heterotrophic algae: They use organic compounds as carbon and energy source and 
convert them to chemical energy.  
Mixotrophic algae: They perform photosynthesis as the main energy source and also 
utilize organic compounds and carbon dioxide as their feed. Hence depending upon the 
availability of sunlight and organic compounds, they are capable of showing the 
metabolic shift from autotrophs to heterotrophs. 
Photo-heterotrophic algae: They have a kind of metabolism in which light is required to 
utilize the organic compounds as their energy source. 
When considering all the specific types, autotrophic and heterotrophic algae are widely 
used for cultivation in biodiesel production when compared to mixotrophic and photo-
heterotrophic algae.
[62]
 
As previously stated, conducting analysis of the oil produced from microalgae (and 
subsequent biodiesel formed) is a vital step to know about the content and nature of the 
lipids formed.  Information presented in Chapter 2 gives a review on microalgae in 
biodiesel production, followed by the process of the conversion of oil into biodiesel. 
4.2 EXPERIMENTAL 
4.2.1 Analysis of Oil and Biodiesel Using DART 
  Analyzing the oil and biodiesel samples is a necessary step to know about the 
amount of triglycerides (oils) formed from the algae and how effectively they are 
converted to fatty acid alkyl esters (biodiesel). A novel ambient ionization technique 
DART was used for analysis of the oil and biodiesel samples, where the samples can be 
analyzed within no time with minimal or no sample preparation procedures. Limited 
literature has been published on the analysis of oils (and subsequent biodiesel) 
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components using DART-MS and no references are currently present with algal oil. To 
assist in optimizing and predicting the formation of analyte peaks with DART-MS with 
algal oil, mass spectra were generated through analysis of various oils and biodiesel that 
have been typically been investigated with biodiesel production. 
  The entire process of growing the heterotrophic algae, extracting the available 
oils, and converting them to biodiesel was performed at the Eastern Kentucky University 
Center for Renewable and Alternative Fuel Technologies (CRAFT), Richmond, KY. 
Therefore, all presented samples for the study were obtained through CRAFT. The algae 
species mainly used for this study is Chlorella Protothecoides which is very well known 
species for high oil production when grown in heterotrophic mode. The main source for 
the growth of these algae is glucose, formed from lignocellulosic biomass, but during the 
initial studies to prevent the possible contaminations they were fed with commercially 
obtained glucose. Chlorella was cultured in 250mL flasks with CB2 media at a 1:1 C:N 
and 2.5g/L initial glucose in a shaking incubator at 30 degrees Celsius and 250 rpm. After 
5 days, 110mL of culture was harvested. Algae was distributed into 50mL conical 
centrifuge tubes and centrifuged for 5 minutes at 4000 rpm. Supernatant was decanted, 
and algae pellets were frozen at 0 degrees Celsius until lipid extraction. During the time 
of extraction, these pellets were dissolved in around 60 ml of phosphate buffer solution 
(pH=7.4), and sonicated for around 20-30 minutes. After the sonication process, the algal 
cells are checked under a microscope to ensure that they are well broken. Nikon eclipse 
80i microscope was used for this study and fluorescence images of algal cells were 
obtained by staining them using Nile red dye. After effective sonication and breakdown 
of the cells 200-400 ml of hexane/iso-propyl alcohol (IPA) solution (3/2 v/v) was used 
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for the extraction process. The IPA enhances the mixing of the hexane with the water 
phase. The whole mixture was taken into a 1 liter funnel and shaken for several minutes 
until mixed well. The extraction mixture was now settled for at least three hours until 
three layers can be seen (Figure 4.1). The three layers formed are a) Top – hexane/oil, b) 
Middle – water/IPA/debris and c) Bottom – water/IPA. The bottom two layers are 
discarded and to the top hexane layer, salt water (5% NaCl) was added and shaked well 
to leach out the proteins and other debris. Again, three layers of hexane/oil, debris, and 
salt water are seen from top to bottom respectively. The process is repeated until only 
hexane/oil and clear salt-water layer can be seen. At the end, the hexane/oil layer was 
collected and evaporated using a Heidolph “Hei-VAP Value” rotovap yielding dark-
brown  oil. The oil obtained was then stored in the refrigerator at 4°C in glass vials until 
analysis occurred.  
 
 
Figure 4.1 Three layers formed after extraction using hexane/IPA solution. 
Top-Hexane/oil 
Middle-water/IPA/debris 
Bottom-water/IPA 
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  Next step in the process is the conversion of oil to biodiesel through 
transesterification.  Since experiments are still being conducted at CRAFT to obtain 
substantial amounts of algal oil, this oil was not available to be converted to biodiesel 
because at least 10 ml of oil is needed and has yet to be generated at this scale.  However, 
other oils, including canola oil, olive oil, vegetable oil, and peanut oil were available and 
used for the conversion into the respective biodiesels. As previously mentioned, limited 
research is available on the analysis of biodiesel components using DART-MS.  The 
utilization of the different kinds of oils and biodiesels for this study will assist in 
providing the necessary parameters and conditions for this type of analysis as well as 
define the type of compounds to expect when analyzed with DART.  Settings for the 
DART ion source and the mass spectrometer were set in a similar fashion as described in 
Chapter 2 (section 2.6.6). All the samples were brought to room temperature before 
analysis and were analyzed by using a Dip-It glass sampler, by immersing it into the 
sample solution and then placing it on the moving rail. Analysis of all the samples was 
conducted at 450°C of DART temperature. Three trails were obtained on each sample to 
obtain consistency of the mass spectra formed. 
4.2.2 Results and Discussion 
  This section gives all the data on analysis of oils and biodiesel using DART-MS 
and characterization of the mass spectra obtained. The effectiveness of the sonication 
process was determined by examining the algal cells under fluorescence using Nile red 
dye using a fluorescencemicroscope. In Figure 4.2 the yellow dots represent the oil 
globules formed in algal cells that have been effectively ruptured. 
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Figure 4.2 Yellow dots representing oil globules in algal cells under fluorescence 
microscope. 
  Analysis of the oil samples from various sources was done at different 
temperatures of DART-MS ranging from 250°C to 450°C with an increment of 100°C to 
obtain accurate temperature for detection of triglycerides and other fatty acids. It was 
found that when oil is exposed to higher temperatures of DART (450°C) a better 
formation and differentiation was observed between various triglycerides and fatty acids 
(Figure 4.3). Hence all further analysis of the oil and biodiesel samples was done at 
450°C. Figures 4.4, 4.5, 4.6, 4.7 represent the mass spectra obtained from canola oil, 
olive oil, peanut oil, and algal oil at 450°C respectively. Interestingly all the spectra from 
various oils was mostly consistent with formation of three major groups of peaks with the 
mass range of 300 u - 450 u (group 1), 550 u - 650 u (group 2), and 850 u - 950 u (group 
3). Group 1 with mass range 300 u - 450 u consists of monoacylglycerol ions and 
acylium ions of corresponding fatty acids. Group two with the mass range of 550 u - 650 
u are diacylglycerol fragment ions formed by the loss of one fatty acid molecule from 
glycerol backbone. Diolein (m/z 603) is a digylceride identified in this group. Group 3 
with the mass range of 850 u - 950 u that were found to be a mixture of various 
triacylglycerols (TAGs) predominately formed as ammonium adducts ions [M+NH4
+
]. 
Specifically, triolein (m/z 902), palmityldiolein (m/z 876), and diapalmityloein (m/z 850) 
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are the dominant triacylglycerol ammonium adducts identified. Hence with varying 
intensities of peaks all the three major groups of Acylglycerols (mono, di, and tri) are 
present in all the oils analyzed (Table 4.1)
[116],[117]
. The oil extracted from algae also had 
all the three main components in order of diacylglycerols > monoacylgycerols > 
triacylglycerols. 
 
Table 4.1. Triaclyglycerols identified from feedstocks oils with DART-MS. 
a
Oleci, 
b
palmitic, and 
c
palmitoleic fattyacid residues in TAGs fragment ions. 
Triacylglycerols (TAGs) Identified from Feedstock Oils with DART-MS 
Name Identification m/z 
Triolein [OOO
a
+NH4]
+
 902.82 
Palmityldiolein [P
b
OO+NH4]
+
 876.80 
Dipalmitylolein [PPO+NH4]
+
 850.79 
Palmityloleylpalmitolein [POPo
c
+NH4]
+
 848.77 
Diolein (diacylglycerol) [OO]
+
 603.50 
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Figure 4.3 A full scan of DART-MS spectrum of canola oil at 250°C. 
 
 
 
Canolaoil_072011_4 #258-326 RT: 0.60-0.76 AV: 69 SB: 305 0.00-0.46 , 0.87-1.13 NL: 5.46E4
T: ITMS + c NSI Full ms [100.00-1000.00]
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Figure 4.4 A full scan of DART-MS spectrum of canola oil at 450°C. 
 
 
 
 
 
Canolaoil_072011_2 #238-299 RT: 0.56-0.69 AV: 62 SB: 281 0.00-0.49 , 0.75-0.91 NL: 6.80E5
T: ITMS + c NSI Full ms [100.00-1000.00]
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Figure 4.5 A full scan of DART-MS spectrum of olive oil at 450°C. 
 
Oliveoil_072011_1 #264-329 RT: 0.63-0.77 AV: 66 SB: 448 0.00-0.57 , 0.88-1.37 NL: 1.01E6
T: ITMS + c NSI Full ms [100.00-1000.00]
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Figure 4.6 A full scan of DART-MS spectrum peanut oil at 450°C. 
peanutoil_072011_1 #247-310 RT: 0.60-0.74 AV: 64 SB: 410 0.01-0.57 , 0.81-1.22 NL: 4.05E5
T: ITMS + c NSI Full ms [100.00-1000.00]
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Figure 4.7. A full scan of DART-MS spectrum of Algal oil at 450°C. 
algae oil  jan31 200-1000_trail 2 #287-370 RT: 0.62-0.79 AV: 84 SB: 346 0.01-0.56 , 0.85-1.04 NL: 7.67E5
T: ITMS + c NSI Full ms [200.00-1000.00]
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 Analysis of biodiesel obtained from various oils is also done at 450°C. Figures 4.8, 
4.9, 4.10, 4.11 and 4.12 are mass spectra of biodiesel obtained from canola oil, olive oil, 
peanut oil, vegetable oil, and algal oil (obtained from General Atomic, CA) by 
transesterification process. With this process, the triglycerides (and other di, mono) are 
converted to fatty acid methyl esters (FAMES). Regardless the source of trigylcerides, a 
few common FAMES has been detected in the all biodiesel spectra. Peak with m/z of 312 
represents ammonium adduct [M+NH4]
+
 of methyl esters of dienoic fatty acids 
(octatecadionate C18:2 or methyl linoleate C18:2) and peak 295 represents protonated 
molecular ion [M+H]
+ 
of the same methyl esters of dienoic acid. The m/z 297 peak 
represents protonated molecular ion [M+H]
+ 
of methyl esters of monoenoic fatty acids 
(octadecenoate C18:1 or cis methyl oleate C18:1). Hence the mass spectra obtained by 
analysis of biodiesel from various sources had either protonated molecular ions or 
ammonium adducts of methylesters of mono or di or tri enoic fatty acids (Table 4.2.). 
The formed FAMES indicated the formation of biodiesel components and their 
successful detection using Novel DART-MS. Figure 4.13 represents the spectra of 
biodiesel obtained after dissolving 10% polystyrene (obtained from General Atomics, 
CA). This dissolution has been done to evaluate if the dissolved polystyrene has any 
effect on the biodiesel. Interestingly the spectra remained same before and after 
dissolution (Figure 4.12 and 4.13), indicating the formed biodiesel can also be used for 
dissolution of the plastic wastes.  
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Table 4.2 FAMES Identified from Biodiesel with DART-MS 
FAMES Identified from Biodiesel with DART-MS 
Name Identification m/z 
Octatecadionate (18:2) [M+NH4]
+
 312 
[M+H]
+
 295 
Octadecenoate (18:1) [M+H]
+
 297 
 
4.3       SUMMARY  
  The novel DART technique demonstrated successful analysis of oils and resulting 
biodiesel from various feedstocks including microalgae. Identification of few peaks 
pertaining to monoglycerols, diglycerols, and triglycerols in the standard oils helped to 
set target peaks in algal oil analysis. The technique of extraction of oils from sugars 
produced by switchgrass after extensive pretreatments was hence successful with the 
identification of glycerol peaks in the algal oil. The FAMES components detected in the 
biodiesel samples further assisted the simple theory of transesterification in fuel 
production.  
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Figure 4.8 A full scan DART-MS spectrum of biodiesel obtained from canola oil at 
450°C. 
 
Biodiesel_Canolaoil_072011_3 #246-323 RT: 0.52-0.67 AV: 78 SB: 383 0.00-0.48 , 0.73-1.06 NL: 9.55E5
T: ITMS + c NSI Full ms [100.00-700.00]
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Figure 4.9 A full scan of DART-MS spectrum of biodiesel obtained from olive 
oil at 450°C. 
Biodiesel_oliveoil_072011_2 #263-356 RT: 0.52-0.68 AV: 94 SB: 400 0.01-0.47 , 0.74-1.07 NL: 1.50E6
T: ITMS + c NSI Full ms [50.00-500.00]
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Figure 4.10 A full scan of DART-MS spectrum of biodiesel obtained from peanut 
oil at 450°C. 
 
Biodiesel_Peanutoil_072011_1 #331-409 RT: 0.64-0.77 AV: 79 SB: 486 0.01-0.62 , 0.88-1.21 NL: 1.68E6
T: ITMS + c NSI Full ms [50.00-500.00]
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Figure 4.11 A full scan of DART-MS spectrum of biodiesel obtained from 
vegetable oil at 450°C. 
 
Biodiesel_vegtableoil_350_3 #401 RT: 0.78 AV: 1 SB: 244 0.00-0.48 , 0.95-0.96 NL: 1.58E7
T: ITMS + c NSI Full ms [50.00-650.00]
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Figure 4.12 A full scan of DART-MS mass spectrum of biodiesel obtained from 
algal oil (General Atomics) at 450°C. 
 
 
Biodiesel_GA_2 #220-384 RT: 0.41-0.70 AV: 165 SB: 378 0.01-0.37 , 0.00-0.36 NL: 5.32E6
T: ITMS + c NSI Full ms [50.00-500.00]
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Figure 4.13 A full scan of DART-MS mass spectrum of 10% polystyrene 
dissolved biodiesel obtained from algal oil (General Atomics) at 450°C. 
polystyrene dissolved in biodiesel_1 #166-361 RT: 0.32-0.66 AV: 196 NL: 6.12E6
T: ITMS + c NSI Full ms [50.00-500.00]
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CHAPTER 5 
 
CONCLUSIONS AND FUTURE DIRECTIONS 
 
  Utilization of biomass for the production of biofuels was studied with the hope of 
replacing the nonrenewable fossil fuels. Switchgrass (energy crop) used as a 
lignocellulosic feedstock in this study offer promise as a renewable-energy source for 
biofuel production. However, a primary technological challenge in converting 
switchgrass into biofuel is overcoming the recalcitrance of its matrix and to perform 
effective enzymatic hydrolysis for the formation of sugars. To overcome the problems of 
these chemical processes and for better yield of biofuels, naturally occurring 
lignocellulosic biomass is pretreated before it can be further processed using enzymatic 
hydrolysis. A rapid and effective analytical method was required at every stage of this 
process to estimate the progress and to study structural changes. The novel DART-MS 
technique was used for analysis, DART being an ambient technique analysis of all the 
samples was real quick with very minimal sample pretreatment. Almost all the samples 
were analyzed in their original forms or with simple methanol water extractions. This 
project compared the effectives of various pretreatments and their contribution to 
increase the net sugar production. The possible reasons for the structural changes of the 
biomass after the pretreatments were evaluated. Understanding the effect of pretreatments 
and to study the possible reason for the formation of degradation or the end products was 
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a major challenge in this study. The other part of the study involved the conversion of 
formed sugars into oil using algae and further process of the oil to biodiesel by a simple 
process of transesterification. Since there were few publications in analysis of sugars, oils 
and biodiesel using DART, this study involved in analyzing the respective standard 
materials and procedures to optimize the working parameters of the DART and 
investigate the formation of various peaks (or group peaks). The main conclusions in this 
study are: 
i.  DART demonstrated success in the analysis of all the class of compounds of 
interest (sugars, pretreatment products, oils and biodiesel). 
ii.  Better performance of DART and the analysis of all major samples were observed 
at a higher temperature range of 450 °C. 
iii.  Formation of peaks was better with reduced noise when simple methanol and 
water extractions were performed on the solid-state samples. 
iv.  Simple sugar (glucose) peaks were observed with all methanol-water extractions 
of switchgrass indicating the presence of innate sugars in biomass candidate. 
v.  All the pretreatments ended up with a class of polymeric peaks, which are 
discovered to be lipophilic compounds known as phytosteroids. These 
phytosteroids could possibly act as potential biomarkers to evaluate the extent of 
pretreatments, as there was a measurable difference in the formation of these 
compounds within each pretreatment. However, no lignin-derived ions were 
present in the mass spectra. 
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vi.  The second major achievement in this research was a successful analysis of oils 
and biodiesel using DART-MS. The identification of peaks relating to the 
formation of both oil and biodiesel demonstrated the success of the entire project, 
and the methods followed.  
vii.  Identification of glycerol peaks in the algal oil and FAMES components in the 
biodiesel from the algal oil samples supported the simple theory of 
transesterification in fuel production.  
Future Directions: All the results in this work shed a light to the future research, 
which can be focused on the following areas: 
i. Exact quantification of the pre-sugars formed initially would help to know 
whether or not to include a pre-extraction step to increase the net sugar 
production and there by the biodiesel production. 
ii. Methods to quantify the polymeric peaks to obtain reliable procedures for the 
determination of effective pretreatment methods, which could be the potential 
biomarkers for the future biomass candidate. 
iii. Further dissolution studies can be conducted on biomass/lignin with ionic 
liquids to help determine the lignin degradation products. 
iv. More pretreatment procedures can be studied for achievement of a cost 
effective process. 
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v. Further investigation and quantification of TGAs and FAMES products 
formed from various algal samples to determine the efficiency of the methods 
and extraction procedures. 
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